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ABSTRACT
QUANTIFYING WILD SOIL MICROBES:

WARMING EFFECTS ON TAXON GROWTH IN THE FIELD

ALICIA MARIE PURCELL

Microbes are dominant biota in soil where they interact with each other and plants, control
nutrient cycling and greenhouse gas emissions, and determine carbon storage and release.
Microbial communities and their activities are sensitive to temperature. The main goals of this
dissertation are to obtain environmentally relevant measures of soil microbial growth in the field,
quantify differences of the growing microbial communities in response to warming, and
understand what drives this warming response. In Chapter 1, I introduce the theme of my
dissertation which is that individual microbes are diverse in identity, function, and in their
response to climate warming. | highlight the knowledge gaps in soil microbial ecology and why
we must study individual microbes in a quantitative way. In Chapter 2, I introduce the main
method used in this dissertation to quantify microbial growth, quantitative stable isotope probing
(gSIP) with 80-H0. In Chapter 3, | determine if laboratory-based measurements of microbial
growth inform field-based measurements of microbial growth and show that they do not. The
remaining chapters utilize this field gSIP technique to quantify taxon-specific growth rate
responses to warming in two ecosystems. Chapter 4 includes results from an elevation gradient
transplant soil warming experiment from a mixed conifer forest, where plant-soil mesocosms
were transplanted 15 years prior to a lower elevation site, the ponderosa pine forest. This
experiment found that microbes decreased their growth rate with warming, likely due to a
depletion in available carbon. The last two dissertation chapters focus on a short-term warming

experiment to measure field growth rates of taxa in two sites along the Marr Ice Piedmont glacier



chronosequence on Anvers Island, Antarctic Peninsula. In Chapter 5, | show that most microbial
taxa increased their growth rate with warming. In Chapter 6, | show that phylogenetically related
microbes did not grow or respond to warming at a similar rate, except for the early succession,
bare fell-field soil that likely received an increase in available substrate from autotrophs
responding to warming. | also determined that some functional groups including taxa involved in
carbon and nitrogen cycling increased their growth rates significantly with warming. These
studies provide valuable information for understanding microbial taxa activity, carbon and

nutrient dynamics, and responses to environmental change, summarized in Chapter 7.
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PREFACE

The dissertation chapters presented here are each written and formatted for publication in scientific
peer-reviewed journals. The first chapter is an overall introduction of the dissertation theme and a
literature review. The second chapter, “Quantitative Stable Isotope Probing with H2*80 to Measure
Taxon-Specific Microbial Growth” is a methods article that was published in The Soil Science
Society of America Methods of Soil Analysis in 2020. The third chapter, “Laboratory measures of
microbial taxon-specific growth fail to predict field growth determined via quantitative stable
isotope probing with 0-H,0” is formatted for publication in Soil Biology and Biogeochemistry.
The fourth chapter, “Decreased growth of wild soil microbes after 15 years of transplant-induced
warming in a montane meadow” was published in Global Change Biology in 2021. The fifth
chapter, “Most bacteria increase their field growth rate with warming, more so at a late
successional site on the Western Antarctic Peninsula” and the sixth chapter, “Functional traits and
to a lesser extent, phylogeny inform growth rates of bacteria and their growth rate response to
warming at two primary succession sites on the Western Antarctic Peninsula” are both formatted
for publication in the International Society for Microbial Ecology Journal. The final chapter is a
discussion of the overall results and conclusions in this dissertation. Please note that table and
figure legends as well as the literature cited are provided separately in each chapter and formatted
for the above listed scientific journals. These articles are organized into chapters following

university formatting requirements which has resulted in some redundancy.



CHAPTER 1: INTRODUCTION

Microbial Activity in Soil

Microbial communities in soil are incredibly diverse and numerous. Microbes are responsible for
the majority of biochemical reactions that control elemental fluxes, and influence environmental,
plant, and human health (Torsvik and @vreas, 2002; Fierer et al. 2017). There are an estimated 1
x 10% — 2 x 10° microbial cells in one gram of soil (Watt et al. 2006; Whitman et al. 1998) and
thousands of species. Microbes influence global carbon and nitrogen cycling and their activities
have been linked to their contribution to ecosystem processes like the phosphorus and nitrogen
cycles, plant productivity, and decomposition (Van Der Heijden et al. 2008). Microbes can
degrade recalcitrant organic matter especially upon stimulation with simple carbon substrates
(i.e. the priming effect) (Kuzyakov et al. 2000; Kuzyakov, 2010). And microbes aid in soil
formation, facilitate chemical mineral weathering via acid metabolic byproducts, and directly
utilize metals bound in minerals (Uroz et al. 2009; Gadd et al. 2010). We now know that all
plants have microbiomes and individual plants have distinct communities (Berendsen et al.
2012). These communities help protect plants from pathogens, provide them with usable N and
P, compete with them for nutrients, and affect plant exudates (Weller et al. 2002; VVan Der

Heijden et al. 2008; Doornbos et al. 2012).

Given their abundance, known functions, and high diversity, we still cannot completely link
which microbes are performing which functions although there are many initiatives to do so
(Martiny et al. 2015; Jansson and Baker 2016; Singer et al. 2017; Jansson and Hofmockel 2018).

And consequently, we do not know the rates of these activities in the environment nor how



individual taxa contribute. Determining these rates is critical for informing gas fluxes (e.g. CO2,
CHa, N20) into the atmosphere, transformation of plant-usable compounds (e.g. NH3z and NOs),
and biodegradation of pollutants in soil (Schlesinger and Andrews 2000; VVan Der Heijden et al.
2008; Haritash and Kaushik 2009). Determining taxon-specific rates will allow us to potentially
predict phylogenetically conserved functional traits and quantify how different communities will

respond to environmental change (Martiny et al. 2015; Amend et al. 2016; Morissey et al. 2016).

Measuring Microbial Activity in situ

Although culture-based methods to study microbial activity are critical for understanding
function potential, cell physiology, and performing genetic manipulation, lab studies likely do
not represent nature, which led to a rise in culture independent experiments (Hugenholtz 2002).
Technigues to measure community level activity in situ include addition of radio isotopically
(°S,14C,%H) or stable isotopically (°H,**C,*>N,*®0) labeled substrates to a sample where gas
production or incorporation into cells or biomolecules (DNA, RNA, lipids) is measured (Neufeld
et al. 2007). Enzyme activity assays, ATP measurement assays, and viability PCR are
informative methods to measure microbial activity in an environmental sample, each with their
own challenges (Burns et al. 1982; Delgado-Viscogliosi et al. 2009; Venkateswaran et al. 2003).
The “omics” revolution has allowed us to survey much more microbial diversity than ever before
in all environments on earth (Hug et al. 2016, Parks et al. 2017) and has allowed techniques to
link metagenomics (potential function), transcriptomics (expressed genes), metabolomics
(metabolites present in sample), and proteomics (proteins synthesized). However, it is still

challenging to link a given metabolite or protein to a single organism or group of organisms in a



sample (Emerson et al. 2017). A bigger challenge is quantifying this activity in an

environmentally relevant way.

The advent of stable isotope probing (SIP) provided a great way to begin linking what microbial
community members are performing a certain function in situ (Radajewski et al. 2000). For
instance, SIP has been applied to many environments including soils and aquatic ecosystems and
has been used to label biomolecules of cells metabolizing *C, °N, 80 (Radajewski et al. 2000;
Schwartz et al. 2014; Bell et al. 2011). SIP has been used in soil to determine what microbes
consume methanol, break down complex organic matter, and (Pepe-Ranney et al. 2016). SIP has
been coupled to non-destructive raman spectroscopy to separate out active cells by labeling an
environmental sample with deuterium labeled water, where active cells can be separated and
sequenced, linking activity with whole genome identity (Berry et al. 2015). More recently, SIP
has been revamped to be finer resolution, high throughput sequencing, and quantitative, with the
techniques MW-SIP, HR-SIP, ABD, qSIP (Youngblut and Buckley 2014; Pepe-Ranney et al.
2016; Hungate et al. 2015; Youngblut et al. 2017). Some of these improved SIP techniques aim
to decrease GC content bias when analyzing taxon density shifts by analyzing unlabeled and
labeled samples concurrently and adjust for DNA fragment size (Youngblut and Buckley, 2014).
Others simply sequence more density fraction (Pepe-Ranney et al. 2016). Since individual
microbes growth, assimilate substrates, and respire at different rates (Hungate et al. 2015;
Morrissey et al. 2018; Li et al. 2019; Stone et al. 2021), gSIP aims to obtain quantitative
measurements of taxon-specific activity, where a density shift for a taxon and excess atom
fraction is determined (Hungate et al. 2015). gSIP has moved beyond a simple enrichment value

and allows calculations of cell production, death, and turnover (Koch et al. 2018).



Microbial Growth in Soil

Quantifying growth rates of organisms is fundamental in understanding the nature of life on
Earth (Corkrey et al. 2017). Determining growth rates of microorganisms in pure cultures is a
foundation in microbiology, but scientists are now beginning to question and test how these
laboratory growth rates compare to growth in the natural environment (Gibson et al. 2018). It has
been argued that quantifying microbial activity and population dynamics is essential for
determining impacts of climate change on these dominant drivers of biogeochemistry (Prosser et
al. 2007). Microbial growth, death, and turnover control availability of elements like N, P, and C,
therefore cell metabolism is tightly linked to global biogeochemistry and ecosystem function.
Knowing total biomass of cells and how this changes is important for understanding carbon

storage with environmental change, seasonal variation, and nutrient inputs.

Growth rate is an important life history trait that has been applied to microbial communities.
Identifying these traits, for instance copiotrophs vs oligotrophs, comes with limitation because of
the use of culture-dependent measurements of growth and observational studies that aim to link
community structure to nutrient availability across environments (Ho et al. 2017). These trophic
strategies of bacteria in marine environments have been modeled by looking for genomic
features in whole sequenced genomes like rRNA gene copy number, small genome size, and low
abundance of transcriptional regulators (Lauro et al. 2009). These relationships have been
challenging to test in nature until recently, where gSIP calculated growth rates did not predict

gene copy number or genome size unless nutrient amendments which simulated laboratory



culture environments occurred (Li et al. 2019). Therefore, laboratory assignments of fast or slow

growers may not accurately translate to in situ conditions.

Measuring Microbial Growth in the Wild

Historically, microbiologists have measured microbial growth in pure cultures, however this is
not representative of their natural environment and may be affected by a “bottle effect” (Staley
and Konopka 1985). Culture-based methods create an environment where nutrients are high, but
become depleted, there is no interspecies competition, nor predation. Studies moved towards in
situ measurements where cell growth was measured in the intestines of mammals via direct
microscopy counting and plate counts (Gibbons and Kapsimalis, 1967). Other metrics for
determining microbial growth have included chloroform fumigation and plate counts over time
(Nannipieri et al. 1983), and attempts to use those measures to determine if enzyme activities can
be a proxy for growth (Frankenberger and Dick, 1983). Now we know biases with these
techniques, for instance chloroform fumigation (Zelles et al. 1997) and the “great plate count
anamoly” (Staley and Konopka 1985). In situ growth rates have also been measured through
thymidine incorporation into cells (Brock et al. 1965). These methods including direct counting
in soils and sediments is challenging due to interference with soil or sediment particles and
attempts to separate cells from their matrix show 20-60% recovery in marine sediments (Morono
et al. 2013). Although none of those methods allow for taxon-specific quantification of growth
rate. Fluorescent in situ hybridization initially paved the way to count cells in an environmental
sample over time and determine their identity (Amann et al. 1990), but this is not high

throughput and relies on challenges of cell recovery.



Many methods from substrate addition experiments to bioinformatics approaches have been used
to measure in situ cell replication. These include stable isotopically labeled substrate (**C,*%0,
5N) enrichment into DNA or for modeling growth efficiency (Schwartz et al. 2007, Herron et al.
2009; Blagodatskaya and Kuzyakov 2013), cell enumeration with microscopy or flow cytometry
(Ma et al. 2017), and *H and *4C substrate incorporation into cells (B&ath 1998; Meisner et al.
2013; Blagodatskaya and Kuzyakov 2013), and isotope enrichment into lipids (Kopf et al. 2016).
More recently, bioinformatics-based approaches have been developed including algorithms
based on metagenome and genome sequence coverage (Brown et al. 2016), pure culture derived
internal standards with high throughput sequencing (Piwosz et al. 2018), and calculating
mutation rates in the environment overtime (Gibson et al. 2018). Studies have also attempted to
use RNA:DNA ratios as a measure of growth rate, which is reliable for some pure cultures
(Muttray et al. 2001), but not for all taxa in a mixed community (Papp et al. 2018). All these
methods come with biases and challenges and are sample type dependent (i.e. challenges of
whole cell enumeration in soil). Many techniques, especially for substrate incorporation
experiments, rely on laboratory incubations where the sample becomes highly disturbed and
perhaps might not capture activity accurately. Studies have shown that microorganisms grown
with H2*80 incorporate it into their DNA during cell replication and therefore increase the
density of their newly synthesized DNA (Schwartz et al. 2007, Aanderud and Lennon 2011).
Quantitative stable isotope probing has allowed measurements of growth rate, reproduction,
death, and turnover (Hungate et al. 2015; Koch et al. 2018). gSIP with H2*0 has now been
successfully applied to diverse soil environments and a freshwater ecosystem (Morrissey et al.

2016; Hayer et al. 2016; Papp et al. 2018).



Quantitative stable isotope probing with H2'20 in soil can be performed by directly injecting the
water into intact soil to measure activity (i.e. growth) without enriching the soil (no addition of
carbon, nitrogen, etc) that might artificially select for certain community members. Field
measures of growth using H2!20 gSIP on intact soil also might alleviate biases in laboratory
studies of microbial activity and perhaps better estimate microbial growth and responses to

environmental change.

Microbial Responses to Climate Change

Latest climate assessments have indicated significant greenhouse gas emission and global
surface temperature increases since the 1950s as compared to preceding time periods (IPCC,
2014). Global warming can contribute significantly to sea level rise, ocean temperature increases
and acidification, extreme weather events, increased decomposition in terrestrial environments,

and permafrost thaw in polar environments.

Microbial responses to climate change, including growth, remain poorly understood.
Understanding the changes in microbial communities, their activity and growth are critical for
understanding rates of carbon loss, nutrient cycling, and overall effect on environmental health
and ecosystem function in response to global change (Treseder et al. 2012; Weider et al. 2013;
Wang et al. 2015). Studies have shown their physiology, functions, and community composition
are affected by changes in climate (Allison et al., 2010; DeAngelis et al., 2015; Conant et al.,

2011). Microbial communities have been shown to shift with changes in precipitation (Evans and



Wallenstein 2014) as well as with increasing temperatures in warming temperate forests
(DeAngelis et al., 2015).

Conflicting conclusions have been made regarding microbial responses to warming. These
differences may be methodological, for example lab versus field, duration of warming treatment,
and method to measure the response (lipid analysis, chloroform fumigation, gPCR, community
sequencing, etc). Or simply that different soil ecosystems respond differently (Wu et al. 2011).
Long term warming (16 years) of Arctic tundra soils revealed that while warming increased soil
nutrients and above ground plant biomass, however, based on community composition and
quantity of nitrogen cycling genes, the microbes had not responded (Lamb et al. 2011).
Similarly, experimental warming of 4°C in temperate forest soil did not affect microbial
community composition and biomass, but it increased respiration and lowered carbon use
efficiency (Schindlbacher et al. 2011).Other studies show a decrease in biomass. After 12-15
years of warming, prokaryotic and fungal biomass decreased compared to the control site (Frey

et al. 2008; Bradford et al. 2008).

We need quantitative measures to assess changes in individual microbial taxa in response to
temperature over long periods of time and across ecosystems. Long term warming experiments
have revealed that initial effects like increase of above ground plant biomass or soil respiration
change over time (Rustad et al. 2001;Wu et al. 2012; Wu et al. 2011) and responses differ across
soils (Wu et al. 2011; Hagerty et al. 2014; Mau et al. 2018). Many warming experiments use a
broad paint brush to assess changes in the microbial community and activity (i.e. biomass
measurements, respiration, lipid profile, changes in taxonomic group relative abundance) and

might miss taxon-specific changes. Changes in microbial taxon relative abundance is often the



metric in more recent studies for determining response to environmental change (Castro et al.
2010; Amend et al. 2016; Oliverio et al. 2017). This metric makes it challenging for us to compare
microbial abundance changes across environments, especially is total cell abundance changes over

time.

This dissertation utilized quantitative stable isotope probing with H2!80 to quantify the growth
rates of individual microbial taxa in the field in response to warming. We first compared field
growth rate measurements of individual microbes to those measured in the laboratory. Next, we
performed a field gSIP study to obtain growth rates of individual microbes in response to long-
term (15 year) warming from an elevation gradient transplant study in Northern Arizona. Lastly,
we performed a field gSIP study to determine the effect of short term (1 month) warming on
individual microbes in two sites differing in productivity on a retreating glacier chronosequence

on the Antarctic Peninsula.
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Abstract

Microorganisms in soil assimilate, transform, and mineralize soil C to support growth. There are
an estimated 2.6 [10110%° microbial cells containing 26 Pg C in soils worldwide. Consequently,
quantifying microbial growth in soil is critical for determining the degree to which
microorganisms contribute to the global C cycle. Measuring taxon-specific microbial growth
enables understanding of the contribution of microbial taxa to elemental transformations across
ecosystems and their susceptibility to environmental perturbations. These measurements in soil

have largely been lacking due to inadequate methods. Quantitative stable isotope probing (gSIP)
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with H280 is used to measure taxon-specific growth of microbial taxa in soil, an improvement
compared with traditional stable isotope probing (SIP). In gSIP, DNA extracted from both a
labeled (*¥0-enriched water) and an unlabeled treatment is separated into numerous density
fractions by isopycnic centrifugation, and target genes are quantified and sequenced in each
fraction. The taxon-specific DNA density shift and ultimately the isotopic composition (**0
enrichment) is calculated for each taxon. Here we discuss methods and illustrate the procedure
for quantifying microbial taxon-specific growth in soil with gSIP using heavy isotope enriched
H,'®0.

Abbreviations: ASV, amplicon sequence variant; EAF, excess atom fraction; GC, guanine plus
cytosine; OTU, operational taxonomic unit; PCR, polymerase chain reaction; gSIP, quantitative

stable isotope probing; SIP, stable isotope probing; WAD, weighted average density.

Introduction

Soil microbes are abundant, diverse, and sources and sinks for C and nutrients such as N, S, and
P. Studies continually uncover new microbial diversity on Earth (Hug et al., 2016; Parks et al.,
2017), including in soil, where there are thousands of microbial species (Schloss and
Handelsman, 2006; Delgado-Baquerizo et al., 2018). High-throughput DNA sequencing provides
valuable information about microbial identity and potential activity; however, DNA stable
isotope probing (SIP) provides a link between the identity of microbial taxa and the substrates
they incorporate (Radajewski et al., 2000). This occurs after assimilation of substrates during
growth that are labeled with the rare, heavy isotope (e.g., **C-enriched glucose, cellulose,
methane, °N-NH,), resulting in denser biomolecules including DNA. Isopycnic centrifugation of

extracted DNA on a CsCl density gradient allows the separation of DNA molecules based on
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their buoyant densities, which are proportional to incorporation of the labeled isotope.
Subsequent sequencing of the differentially labeled DNA is used to characterize microbial taxa
as “active” or “inactive.” Stable isotope probing studies have elucidated plant—microbe
interactions and revealed specific taxa responsible for metabolism of substrates such as CHa,
cellulose, and methanol (Radajewski et al., 2000; Dumont and Murrell, 2005; Stursov4 et al.,
2012). However, SIP has been predominantly qualitative, characterizing the DNA of taxa as

either isotopically enriched with the heavy isotope or not enriched.

More recently, SIP has been improved to achieve finer resolution through high-throughput
sequencing and to yield quantitative metrics with techniques such as multiple-window high-
resolution SIP (MW-HR-SIP), high-resolution SIP (HR-SIP), delta buoyant density (ABD), and
quantitative stable isotope probing (qSIP) (Hungate et al., 2015; Pepe-Ranney et al., 2016;
Youngblut and Buckley, 2017; Youngblut et al., 2018a). Delta buoyant density (ABD) aims to
decrease the guanine plus cytosine (GC) content bias when analyzing taxon density shifts by
analyzing unlabeled and labeled samples concurrently and adjusting for DNA fragment size
(Youngblut and Buckley, 2014). High-resolution SIP and its subsequent improvement, MW-HR-
SIP, involve sequencing a larger number of density fractions and increase sensitivity by
analyzing multiple heavy density ranges to determine isotope incorporation (Pepe-Ranney et al.,
2016; Youngblut and Buckley, 2017). Specificity and sensitivity of these improved SIP analyses
have been discussed elsewhere (Youngblut et al., 2018b). Quantitative SIP has an advantage by
quantifying the degree of isotopic enrichment for individual taxa and using that value to infer a

guantitative measure of population growth (Hungate et al., 2015; Koch et al., 2018).
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Quantitative SIP was developed by Hungate et al. (2015) and estimates the density of each
taxon’s nucleic acids (either DNA or RNA) in the absence of, and following exposure to, a heavy
isotopically enriched substrate in an environmental sample. Following incubation, nucleic acid
extraction, and isopycnic ultracentrifugation, the DNA is separated according to its density,
purified, quantified, and sequenced. Differences in the density of a taxon’s DNA combined with
sequencing and quantitative polymerase chain reaction (PCR) are then used to estimate the

amount of isotope assimilation and thus quantify activity (Hungate et al., 2015).

Measuring Microbial Growth in Soil
Microbial growth is tightly correlated with the uptake of elements such as C, N, S, P, and trace
metals, affecting their turnover and availability in the environment. Understanding microbial
growth and mortality is key to determining the drivers of microbial biomass changes with time.
Heterotrophic microorganisms are responsible for most of the 75 to 100 Pg C mineralized in soil
each year (Bond-Lamberty and Thomson, 2010). Consequently, identifying constraints on the
growth and death of these organisms will improve our ability to accurately model the global C

cycle, for example in response to climate change (Prosser et al., 2007).

Traditionally, microbial growth has been measured in pure culture, where broth turbidity
increases as cells multiply and cell biomass is quantified via changes in light absorbance at a
wavelength of 600 nm with time. However, the majority of microorganisms are not amenable to
culture methods, hence the “great plate count anomaly” (Staley and Konopka, 1985). Further, the
artificial conditions of pure culture studies are likely to produce growth rates that are not

representative of microbial activity in the environment. Culture-independent methods, like
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fluorescence in situ hybridization (FISH) with microscopy or flow cytometry have been used to
count whole cells in an environmental sample and identify cell phylogeny (Amann et al., 1990a,
1990b; Vives-Rego et al., 2000). These methods are used widely in aquatic environments;
however, they are challenging to implement in soil and sediment environments due to particle
interference preventing accurate quantification of microbial cells (Morono et al., 2013).
Community level heterotrophic bacterial growth has been measured in both aquatic and soil
systems using *H-thymidine and 3H-leucine to measure biomass production (Fuhrman and Azam,
1982; Baath, 1998; Kirchman, 2001). This has been coupled to microautoradiography FISH
(MAR-FISH) to determine phylogenetic identity and single-cell substrate incorporation
(Kirchman, 2016). While these techniques have been invaluable for estimating the activity of
microbial assemblages, the utility of thymidine and leucine tracers have been questioned because
community members may differ in their substrate uptake (Pollard and Moriarty, 1984;
Hollibaugh, 1988). This method is also challenging in soils and sediments because of nonspecific
binding of thymidine to particles and the associated experimental disturbance (e.qg., slurry
preparation) that can affect growth (Cortez and Schnitzer, 1979; Findlay et al., 1985; Moriarty

and Pollard, 1990; Baath, 1992).

Recent methods have measured in situ microbial taxon-specific growth through bioinformatics
techniques, the use of internal standards to normalize sequencing data, and measurement of the
accumulation of mutations in the environment (Korem et al., 2015; Brown et al., 2016; Gibson et
al., 2018; Piwosz et al., 2018). Peak-to-trough ratio and iRep involve measuring growth through
comparing read coverage of metagenome-binned genomes at their origin and terminus of

replication (Korem et al., 2015; Brown et al., 2016). However, these methods will only estimate
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growth for taxa where metagenome-binned genomes have been obtained. The internal standard
approach quantifies cells of a pure culture isolate not found in the target environmental sample,
extracts DNA from a time series of the environmental sample, and spikes the environmental
samples with the same known concentration of pure culture cells (Piwosz et al., 2018). A growth
estimate is obtained by comparing relative abundance in sequencing data of the added isolate and
each taxon in the sample with time (Piwosz et al., 2018); however, this assumes equal DNA
extraction efficiency for the isolate and environmental DNA. A technique to measure bacterial
cell doubling time in the environment was developed by Gibson et al. (2018) in which mutation
accumulation is calculated for microbes in their environment and compared with laboratory
measures of mutation rates (Gibson et al., 2018). Consequently, this calculation requires
laboratory measurements of mutation rates for each taxon of interest, which considerably limits

the scope to few taxa in the environment (Gibson et al., 2018).

Quantitative Stable Isotope Probing to Measure Microbial Taxon-Specific Growth

Quantitative SIP is an improved SIP technique where an excess atom fraction (EAF or atom
percent excess)is calculated for each taxon after an incubation with a heavy isotopically enriched
substrate (Hungate et al., 2015). Quantitative SIP has been used to track microbial growth
through a variety of substrates enriched in a heavy isotope such as *C-glucose, 30-water,**C-
HCOs, or N-NH, (Hungate et al., 2015; Hayer et al., 2016; Morrissey et al., 2016, 2018; Papp
et al., 2018a; Coskun et al., 2018, 2019). While incubations with heavy isotope enriched C and N
substrates may reveal valuable information, the concentrations of these substrates required to

achieve sufficient isotope incorporation for SIP will exceed substrate conditions normally found
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in the environment (Schwartz et al., 2016). Using water enriched in the heavy isotope 0
(hereafter referred to as H,*®0) allows the detection of growing microbes because water is used
by all living organisms regardless of metabolic state and will not fertilize the environment.
Oxygen atoms from H2'20 become the newly synthesized DNA (Aanderud and Lennon, 2011;
Schwartz et al., 2016). The H2!80 can also be added to the soil in situ (field-gSIP), causing less
physical disturbance than a laboratory microcosm (e.g., sieving, homogenizing, drying, storing).
In field-gSIP, water is added to undisturbed soil cores to simulate a rain event, capturing
environmentally relevant microbial growth. Furthermore, it is feasible to accurately determine
the isotopic enrichment of O atoms in water from a soil at the start of the qSIP experiment,
which is often challenging for other labeled substrates such as organic compounds.

Quantitative SIP has other advantages as well. Mathematical approaches have been
developed in which gSIP data can be modeled to estimate growth, turnover, and mortality for all
taxa in a sample (Koch et al., 2018). Quantitative SIP with H2*0 can be performed in parallel
with incubations of other labeled substrates to look at differences in growth when substrates
(e.g., glucose) are present (Morrissey et al., 2016, 2018). Quantitative SIP with H2'®0 can also be
used to compare growth with activity (i.e., rRNA synthesis) by analyzing labeled DNA and RNA

for each taxon (DNA- and RNA-SIP) (Papp et al., 2018a, 2018b).

The Value of Quantitative Stable Isotope Probing for Microbial Ecology

The field of microbial ecology has been revolutionized in the last decade by an immense increase
in high-throughput sequencing data from environmental samples. Many microbial ecology

studies rely on 16S rRNA gene sequencing and changes in the relative abundance of taxa to
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assess changes in prokaryotic diversity with time or in response to treatments. While valuable,
shifts in relative abundance are often difficult to interpret. For example, an increase in the
relative abundance of y-proteobacteria in response to a treatment could result from (i) an increase
in the absolute abundance of y-proteobacteria while abundance of other community members
does not change, (ii) no change in the absolute abundance of y-proteobacteria while the absolute
abundance of other community members declines, or (iii) a decrease in the absolute abundance
of y-proteobacteria while other community members decline even more. Consequently, relative
abundance data alone cannot determine whether the treatment stimulated, suppressed, or had no

effect on the growth of the y-proteobacteria.

Quantitative SIP and similar methodologies are valuable for the field of microbial ecology
because they directly measure microbial activity in the environment and are not subject to the
challenges associated with interpreting changes in relative abundance. Quantitative SIP with
H.'80 can move the field of soil microbial ecology forward by providing natural, in situ, taxon-
specific growth rates, which can be used to determine potential keystone microbial species,
interactions among different microbes, quantification of the rates of element transformations, and

modeling of taxon-specific C flux within and across ecosystems.

The Quantitative Stable Isotope Probing Method

Quantitative SIP provides estimates of in situ taxon-specific microbial growth through a
combination of incubations with natural abundance and heavy isotope enriched substrates,

nucleic acid extraction, isopycnic centrifugation, density fraction separation, quantitative PCR,

26



and amplicon sequencing. The following procedure is an update to the gSIP procedure as
presented by Hungate et al. (2015). This procedure describes the use of H2'®0 as a universal
tracer to investigate the bacterial and archaeal community by targeting the 16S rRNA gene.
However, there are many steps in this procedure that can be modified, including the choice of
substrate and target nucleotide sequence of interest (e.g., 18S rRNA gene, Internal Transcribed

Spacer, ITS).

Procedure

Experimental Design
Environmental samples can be collected and incubated in the laboratory or the field. Field
incubations may be performed in Falcon tubes (with or without holes punctured in the lid),
plastic syringes with the ends removed and sealed with Parafilm, or open-ended cores. The mass
of soil used is based on the expected microbial biomass (1-3 g minimum mineral soil or more if
working with low-biomass soils). A minimum of three replicates is recommended for each

natural abundance and heavy isotope enriched water incubation.

Labeled Substrate Addition

Half of the samples receive water with a natural abundance 80 composition (0.2 atom% *20)
and half receive heavy, 97 to 98 atom% 80 enriched water (H2'0). Soils are incubated in situ or
at a chosen temperature either in intact soil left in the field or in a laboratory incubator. The
duration of incubation will depend on temperature, moisture content, and nutrient content of the

soil sample. It is best to choose a duration during which sufficient DNA labeling occurs while
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minimizing isotope turnover. Quantitative SIP incubations with 1 g of ponderosa pine (Pinus
ponderosa Lawson & C. Lawson) forest meadow soil incubated for 7 d in a closed 15-mL Falcon
tube with 200 pL of *O-water at 60% water holding capacity in the laboratory have yielded
successful labeling (Hungate et al., 2015). Antarctic soil from the McMurdo Dry Valleys
incubated for 30 d and 8-d freshwater litter incubations with *0-enriched water have also
yielded sufficient labeling (Schwartz et al., 2014; Hayer et al., 2016). After substrate incubation,

the samples may be stored at —40 to —80°C until DNA extraction.

DNA Extraction

The DNA is extracted from frozen soil using the Qiagen PowerSoil Max DNA extraction kit or
another method of choice. The DNA is quantified using a Nanodrop spectrophotometer or Qubit
double stranded DNA high-sensitivity assay kit and a Qubit 2.0 fluorometer (Invitrogen).

Isopycnic Ultracentrifugation
A batch of saturated CsCl solution (density 1.9 g mL* at room temperature) and gradient buffer
(200 mM Tris, 200 mM KCI, 2 mM ethylenediaminetetraacetic acid [EDTA]) are prepared
(Hungate et al., 2015), and 3.7mL of saturated CsCl is added to a 4.7-mL centrifuge tube
(Beckman Coulter). A consistent amount of DNA (1 pg) is added to each tube (the quantity can
be in the range of 0.25-5 pug). The tubes are filled with gradient buffer to the neck, stoppered,
and inverted several times. The samples are spun in an Optima Max benchtop ultracentrifuge
(Beckman Coulter) using a Beckman TLA-110 rotor and centrifuged at 18°C at 135,000 [J g at
rav (60,000 rpms) for 72 h. The tubes need to be carefully removed from the rotor and sealed
with Parafilm. A syringe pump and a fraction recovery system (Beckmann Coulter) are used to

divide each tube into ?20 fractions of equal volume (200 uL). The density of each fraction is
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subsequently measured with a Reichert AR200 digital refractometer (Reichert Analytical
Instruments). A CsCl density standard curve is constructed to relate the refractive index to
density.
Cesium Chloride DNA Cleanup

The DNA is purified using an isopropanol precipitation with glycogen. An equal volume of
molecular-grade water is added to each fraction, followed by 5 uL of glycogen (20 mg mL ™)
and an equal volume of 100% molecular-grade isopropanol. Inverted tubes are left overnight at
4°C, then centrifuged at 13,400 [ g for 30 min. The supernatant is decanted carefully so as to
not loosen the DNA pellets; 500 uL of 70% molecular-grade ethanol is added to each tube and
the tube is centrifuged at 13,400 [1 g for 5 min. The supernatant is decanted and the pellet is
dried at room temperature. The DNA is resuspended in 100 uL of Tris-HCI at pH 8 and
quantified on a microplate reader using the Quant-IT PicoGreen dsDNA assay (Invitrogen).

Quantitative Polymerase Chain Reaction
The target gene of interest is quantified in each density fraction. Quantitative PCR is performed
using a real-time instrument such as the BioRad CFX384 Touch Real-time PCR detection
system. Example bacterial and archaeal 16S rRNA gene primer sequences are listed in Table 1.
Standards ranging from 1 x 10* to 10° are prepared by amplifying template DNA from the
experimental soil using these bacterial and archaeal 16S rRNA gene primer sets but with P5 and
P7 oligonucleotide tails. Reactions take place in 384 well plates in triplicate 10-pL reactions and
contain 1x Forget-me-not Master Mix (Biotium), 0.2 uM of each primer, and 1 uL of template.
Thermal cycler conditions for the EUB338F/EUB518R primer pair are as follows: initial
denaturation at 95°C for 2 min, 40 cycles of 95°C for 55, 59°C for 10 s, and 72°C for 10 s,

followed by a melting curve of 0.5°C steps, 30 s each, 55 to 95°C. Thermal cycler conditions for
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the ARC915F/ARC1059R primer pair are as follows: initial denaturation at 95°C for 2 min, 40
cycles of 95°C for 5 s, 60°C for 10 s, and 72°C for 10 s, followed by a melting curve of 30-s
0.5°C steps, 55 to 95°C.

DNA Amplicon Library Preparation
The Earth Microbiome Primer Set (515FB/806RB) targets prokaryotic 16S rRNA genes and has
been widely used for sequencing in many environments (Table 1) (Caporaso et al., 2011; Apprill
et al., 2015; Parada et al., 2016). Amplicons are sequenced on the lllumina MiSeq platform
(IMumina). For amplicon library preparation, previously described methods are followed from
Kozich et al. (2013). The initial pre-amplification is performed in triplicate 10-pL reactions with
1-uL template DNA, 1x Phusion Green Hot Start Il High-Fidelity PCR Master Mix (Thermo
Scientific), and 0.2 uM of each primer with conditions as follows: initial denaturation 98°C for
30 s followed by 21 cycles of 98°C for 10 s, 50°C for 30 s, and 72°C for 30 s. Triplicates are
pooled and bead cleaned with AMPure XT beads (Beckman Coulter Genomics) in 18%
polyethylene glycol. The second PCR is conducted in 20-uL reactions containing 1 uL of
template, 1 uM of the 515F/806R barcoded primers, and 1x Phusion Green Hot Start 11 High-
Fidelity PCR Master Mix (Thermo Scientific). The thermal cycling conditions for this second
PCR are as follows: initial denaturation 98°C for 30 s followed by 25 cycles of 98°C for 10 s,
50°C for 30 s, and 72°C for 30 s. The products are bead purified as described above, quantified,
and pooled. The resulting library is bead purified again and quantified using the KAPA library

quantification kit for Illumina Platforms (KAPA Biosystems).
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Sequence Analysis
Sequencing data are analyzed using QIIME2 (https://giime2.org). Specific commands in QIIME2
are given in parentheses and steps are conceptualized in Fig. 1. Sequences are demultiplexed
(demux emp-paired) followed by the DADAZ pipeline (dada2 denoise-paired), where they are
error corrected, quality filtered, chimera filtered, and PhiX filtered, resulting in a feature table
with 100% amplicon sequence variants (ASVs) (Callahan et al., 2016). An alternative denoising
algorithm can be used, for instance, deblur (Amir et al., 2017). Amplicon sequence variants can
then be clustered into operational taxonomic units (OTUs) at 97 or 99% sequencing identity.
Cutoffs for OTU clustering have been discussed elsewhere (Rodriguez-R et al., 2018). Likewise,
the use of ASVs vs. OTUs has been discussed (Callahan et al., 2017). Taxon classification is
performed (feature classifier classify-sklearn) using the 99% SILVA (Pruesse et al., 2007) 132
QIIME release pretrained naive Bayes classifier for the 515F/806R primer set

(https://data.giime2.0rg/2018.11/common/silva-132-99-515-806-nb-classifier.gza). Note that the

use of a different amplicon target (e.g., 18S rRNA gene or ITS) will require the use, and possibly
generation, of a classifier trained on a database for that amplicon. Sequences can be rarefied
(feature-table rarefy), and unassigned features (either OTUs or ASVSs) are removed (taxa filter
table). The resulting feature table is used for subsequent analyses in R (R Core Team, 2018), and
the code is publicly available for gSIP analyses (https://bitbucket.org/QuantitativeSIP/qgsip_repo,

hereafter referred to as the gSIP repository).

As an alternative to QIIMEZ2, sequences may be processed using mothur (Schloss et al., 2009).
While standard protocols may generally be followed to filter PhiX and chimeric sequences

(Schloss et al., 2011), taxonomic classification should be performed at 100% clustering (to
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obtain similar results to QIIME2’s ASVs), utilizing the SILVA database (Pruesse et al., 2007).
Rarefaction and feature filtering can then be performed as above. The resulting tab-separated
shared and cons.taxonomy files contain feature counts and taxonomic information used for
subsequent analyses.

Data Analysis in R

Figure 1 illustrates key steps in the gSIP data analysis in R. The following three datasets are
imported into R for analyses: laboratory data (including fraction and sample metadata, DNA
concentrations, quantitative PCR gene copy numbers, densities, etc.), sequence data (feature
reads per sample output from QIIME2 or mothur), and a taxonomic key (numbers assigned to
taxonomic information), which can alternatively be generated in R. The laboratory data,
sequence reads per sample, taxonomic information, and taxon number are merged together into
one data frame and restructured (melt function in R package reshape2; Wickham, 2007) for
further analysis. Sequence relative abundance and total 16S rRNA gene copies per fraction are
used to calculate taxon 16S rRNA gene copies in each fraction. The DNA weighted average
density (WAD) per sample (i.e., at the tube level) are calculated using the equation described
below [1]. To calculate taxon-specific changes in WAD (AWAD) and excess atom fraction
(EAF), treatment comparison files (Finley et al., 2019; example in the gSIP repository) are
created and imported into R. To calculate AWAD and EAF for each taxon, the taxon must appear
in both the natural abundance and H,®0 treatments. Although the acceptable frequency of a
taxon depends on both the researcher’s objectives and the nature of the data, generally taxa that
do not appear in at least two replicates of each treatment and two fractions per replicate should

be filtered out prior to these calculations. Using R code from the gSIP repository, AWAD and
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EAF are calculated for each taxon (all.taxa.calcs). Subsequent analyses such as visualizing the
EAF of all taxa (Fig. 2), phylogenetic analyses with taxon-specific enrichment levels (Morrissey

et al., 2016), and microbial growth, death, and turnover can be calculated (Koch et al., 2018).

Calculations
Calculation of Whole DNA Tube Weighted Average Density
The weighted average density for the jth sample (W;) is calculated using density and 16S
rRNA gene copies per microliter (or DNA concentration) of each fraction in the jth replicate
tube. For each sample tube, the number of 16S rRNA gene copies per microliter of each kth
fraction (fik) is multiplied by the fraction density (xjk), and these values are summed for all

fractions in a tube:

w.od e (F)
] o
8 (i)

This sum is then divided by the sum of 16S rRNA gene copies per microliter across all fractions

[1]

in the jth replicate tube. Parameter names and definitions are provided in Table 2.

Calculation of Sample Weighted Average Density Shift

The weighted average density shift of the jth replicate tube (Z;) is calculated by
subtracting the weighted average density of the jth replicate tube in the natural abundance
isotope treatment (WricnHTj) from the weighted average density of the jth replicate tube in the
heavy isotope treatment (Wag;):

Zj ZWLABj _WLIGHTj [2]
Determination of Taxon-Specific Isotope Enrichment
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Calculations of taxon-specific isotopic composition require copy numbers of the target (e.g.,
16S rRNA gene), density measurement, and taxon sequence read abundance for each fraction.
Taxon-specific isotopic composition can be determined using R code from the qSIP repository
(all.taxa.calcs). Using this code, the taxon-specific EAF is estimated by bootstrapping with user-
defined iterations (e.g., 1000) to obtain confidence intervals at a user defined a. level (e.g., 95%)
(Fig. 2).

Calculating Weighted Average Density of a Taxon

To determine the taxon-specific change in DNA density due to heavy isotope incorporation,

the WAD (Wijj) of each taxon, i, in each tube is calculated using

W

o K
a =1 VijkX;j
i = k 1(”Jk Jk) [3a]

i
The total number of target gene copies per microliter of the ith taxon in the kth fraction of the
jth replicate (yijx) is calculated by multiplying the ith taxon sequence relative abundance in the
kth fraction by the total target gene copy number in the kth fraction:
Vi = P T [30]
This is then multiplied by the density of each fraction (xjx) and summed across all fractions in
the jth replicate tube. The weighted average density of the ith taxon is expressed as a proportion

of the total target gene copies per microliter of the ith taxon in the jth replicate tube (yjj):
oK
¥i= & Yix [3c]
k=1

Calculating Taxon-Specific Weighted Average Density Shift
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The weighted average density shift of the ith taxon (Zi) is calculated by subtracting the
weighted average density of the ith taxon in the natural abundance isotope treatment (WiicHTj)
from the weighted average density of the ith taxon in the heavy isotope treatment (Wpag;):

Z; =W gi - Wyenri [4]
Calculating Taxon-Specific Guanine plus Cytosine Content and Molecular Weight

A pure culture study was previously conducted to determine the relationship between the GC
content of bacterial DNA and corresponding buoyant density on a CsCl gradient (Hungate et al.,

2015). The GC content (Gi) of a given taxon is determined as

1
G=— (W .
i 0.083506( LIGHTI

- 1.646057) [5]

The molecular weight of a taxon’s DNA is dependent on the proportion of adenine/thymine
and cytosine/guanine in the taxon’s genome. The average molecular weight of single-stranded
DNA made of only adenine and thymine is 307.691 g mol ! (Hungate et al., 2015). The average
molecular weight of a single-stranded DNA made of only guanine and cytosine is 308.187 g
mol ! (Hungate et al., 2015). The molecular weight of a taxon’s DNA in the natural abundance

180 treatment (0.2 atom% *0) (MLicnTi) is determined, after the GC content (Gi) is known, as

M ignTi = 0.496G; + 307.691 [6]

Calculating Molecular Weight Change

The maximum increase in molecular weight (i.e., when all O atoms in DNA are 80) is
12.07747 g mol* (Hungate et al., 2015). Therefore, the theoretical maximum molecular weight
of a fully 80-labeled DNA molecule for a taxon is

Myeavymaxi = 12.07747+ M uri [7]
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While the observed molecular weight of a taxon’s DNA in the
heavy isotope treatment is:

x Z. o]
W —+ M iGHTi [8]
LIGHTI 4]

=Y

M pgi =

Calculating Taxon-Specific Isotopic Composition of DNA
The EAF 80 of a taxon’s DNA (Aoxvceni), accounting for the background fractional

abundance of 80 (0.002000429), is calculated as

Ao xYGENi =

MLABi_ MLIGHTi (1_ 0002000429) [9]
MHEAVYMAXi_ MLlGHTi

Procedural Considerations

Prior to WAD calculations, DNA density curves are generated by graphing the DNA
concentration (or 16S rRNA gene copy number) in each fraction vs. DNA density (i.e., the
density of the fraction) for all replicates to assess between-tube variation. Tube-to-tube variations
within the same isotopic treatment may occur and are probably due to small variations in the
density gradient preparation per tube; a correction for this has been described (Morrissey et al.,
2017). Isotopic ratio mass spectrometry analysis has also been used to validate the determined
180 isotopic composition in the unfractionated DNA and can be used to increase the precision of
the calculated WAD per sample (Papp et al., 2018a). In the experimental design, replicate soil
samples may vary in their native moisture contents, and therefore the soil water 20 isotopic
composition will vary among samples after the experimental water additions. If this is true, it is
important to correct for these sample differences by measuring the 20 isotopic composition of

the soil water of each sample and adjust each taxon’s growth rate accordingly.
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Sample Application to Measure Microbial Taxon-Specific Growth with Quantitative Stable
Isotope Probing
Quantitative SIP can be applied to any soil or sediment environment via laboratory-based
incubations with freshly collected soils or in an undisturbed field setting where the substrates are
directly added to the intact soil environment. The following calculations illustrate gSIP analysis
using data from a 10-d laboratory incubation in a mixed conifer soil from Hart Prairie, northern
Arizona (unpublished data). Each of the five replicates contained 3 g of soil at field moisture that
received either natural abundance (0.2 atom% 20) or 98 atom% 80-labeled water. This resulted
in a final 20 enrichment in the soil water of 45-84 atom%, which has been shown previously to
be adequate for labeling microbial DNA (Hungate et al., 2015). A walkthrough of whole-sample
DNA AWAD is calculated below for one example pair of sample tubes (E140 and E141);
however, WADs are provided for all samples and can be calculated using the full dataset
(Supplemental Material 1). Weighted average densities are also calculated with bacterial and
archaeal 16S rRNA gene copy number; however, calculations are not shown here. These whole-
sample WADs are visualized prior to taxon-specific calculations using both bacterial and
archaeal 16S rRNA gene copy number quantification (Fig. 3). The R code available from the
gSIP repository is used to calculate AWAD and EAF (all.taxa.calcs) for each taxon (Fig. 2). In
the next set of calculations, one taxon from this data set (Taxon 972; family
Nitrosomonadaceae), found in all replicates and fractions, was chosen to illustrate the calculation
of EAF of 0 (Fig. 4). Two abridged datasets are included (Tables 3 and 4) for this example,
and the full data files can be used to perform these calculations (Supplemental Material 1 and 2).
Calculation of DNA Weighted Average Density in Sample E140
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This example uses the DNA concentration to calculate the sample WAD (Wj) rather than the
total target gene copies in a fraction (fi) (see Supplemental Material 1 for the dataset of DNA
concentrations and density measurements). The calculated WADs for all tubes can be found in

Table 5.

w.od e (Fi)
] o
8 (i)

a Lil([DNA concentration Jensity)

[1]

W40 < :
a k:l[DNA concentration ]

_107.77031

64.13313
=1.68042

The DNA weighted average density shift (Zj) between Tubes E141 and E140 is calculated as

Z;=Wagj- WiigHTj [2]

Zerar g140 =W ga1190 = W EL40 natural abundance
=1.683905- 1.680416
= 0.003489
Calculation of Excess Atom Fraction of 80 for Taxon 972
The density distribution of Taxon 972’s 16S rRNA gene copies across all samples is
visualized in Fig. 4.
Taxon 972°s DNA Weighted Average Density for Sample E140
The following calculates the weighted average density (WAD) of Taxon 972°s DNA in
Samples E140 and E145 (Wjj). The WAD of Taxon 972’s DNA in all the samples where soil was
incubated with the heavy isotope (E141, E143, E145, E147, and E149) or natural abundance (0.2

atom% *80) (E140, E142, E144, E146, and E148) water are calculated (Table 5) using the full

dataset in Supplemental Material 2:
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W.. =

o K
A = VYiikX;
i M [34]

]

Yiik = Pijk Fji [3b]

K
¥i= & Vi [3c]
k=1

For Tube E140:

Wo72p140 =

a kK:l(reIative abundanceg, [gene copiesJdensity])

) Ezl(relative abundanceg, [gene copies])

WAD,,, = 621053.466766 _ , 0,
370093.485636
For Tube E145:
1466046.59
W = 2277299 _ 1 681378
97T2El45 T 871931.51

Calculating Taxon 972 Density Shift

The following calculates the weighted average density shift (AWAD) of Taxon 972’s DNA
in the heavy isotopically enriched treatment vs. the natural abundance (0.2 atom% 80) water
treatment. The AWAD calculation is implemented in R in the gSIP repository (boot.diff. WAD)
and calculates a bootstrapped estimate of the AWAD among the five tubes receiving H2*20 water
and five receiving natural abundance (0.2 atom% 80) water, where replicates are treated
independently rather than paired. For simplicity, the example below illustrates a paired AWAD
calculation for only one H,*®0 receiving sample (E145) and one natural abundance (0.2 atom%
180) receiving sample (E140). Therefore, here the variables Wiagi and Wy cHTi represent the
weighted average densities of Taxon 972 in a single tube rather than a mean in the labeled and

unlabeled treatments, respectively:
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Zi=Wagi- Wynri [4]
Z972 = W972180 E145~ W972 natural abundance E140

Zg7, = 1.6814- 1.6780= 0.0034

Calculating Guanine plus Cytosine Content of Taxon 972

G972 ( LIGHT972 ~ 1646057) [5]

0.083506

1

—————(1.6744- 1.6461)= 0.3389
0.083506

Go72 =
Calculating Molecular Weight of Taxon 972°s DNA

M igHTe72 = 0.496G,,, + 307.691 [6]

M igHTe72 = (0496 0.3394)+ 307.691= 307.859

Calculating Theoretical Maximum Molecular Weight of Taxon 972°s DNA if all O atoms

become labeled with 80

MHEAVYMAX972 =12.07747+ MLIGHT972 [7]

My eavymax = 12.07747+ 307.859= 319.936

Calculating Molecular Weight of Taxon 972’s DNA in the H,'®0-water Incubation

For the purpose of this example calculation, the AWADag72 (Z972) was calculated by averaging

the WADs72 in the natural abundance (0.2 atom% 80) water incubation tubes (Wi icrTe72) and

subtracting that from the average WADo7, in the H2!20 incubations (Wiago72) (Table 5;

calculated from Supplemental Material 2). In practice, AWAD:; (Zi) is estimated using R code in

the gSIP repository by bootstrapping with 1000 iterations to obtain the 95% confidence interval:

x

Z
M agor2 = E i +1 MLIGHT972 [8]

WLIGHT972

40



¢0.006912

s
M = o 22Y22 4 13307.850= 309.12986
LABY72 = §1 6743066 b

Calculating Taxon 972’s Isotopic Composition of DNA

Aoxyeener2 =

M LAB972 ~ M LIGHT972 (1_ 0002000429)
M HEAVYMAX972 ~ M LIGHT972 [9]

309.12986- 307.859
A = 1- 0.002000429
OXYGENS72™ "319 936- 307.859 ( )

=0.1050193

Concluding Remarks

Quantitative SIP with H,*0 has opened a new frontier in microbial ecology that enables
calculation of taxon-specific microbial growth across a variety of environments. This
quantitative method continues to be improved, and our goal is to make it more accessible to other
researchers. A few methodological and analytical considerations remain when utilizing gSIP. For
instance, the growth of some taxa might be underestimated if the added H2*0 is unevenly
distributed in the soil (e.g., H2'¥0 may not reach soil micropores to the same extent as other
locations within the soil matrix). There is also the challenge of calculating isotope incorporation
for rare taxa that may be excluded from further analysis due to inconsistent presence in fractions
and replicates. Nevertheless, this method paves the way to quantifying microbial activity in the
environment. Future directions of gSIP include determining microbial growth and activity using
intact soil cores and coupling the gSIP method with metagenomic analysis to resolve taxon
functional traits of growing taxa. Quantifying microbial growth is imperative to begin linking

microbial functions to elemental flux across space and time and in response to environmental
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perturbations. The use of gSIP and the development of future quantitative methods in microbial

ecology will continue to bridge the gap between microbial activity and ecosystem function.
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TABLES

Table 1. Primer sequences for targeting the 16S rRNA gene for quantitative polymerase chain

reaction and amplicon sequencing that can be used in quantitative stable isotope probing

analysis.

Primer
EUB338F

EUB518R

ARC915F

ARC1059R

515F

806R

Sequance (5°-3°)
ACT CCT ACG
GGA GGC AGC AG
ATT ACC GCG
GCT GCT GG

AGG AAT TGG
CGG GGG AGC AC
GCC ATG CAC
CWCCTCT
GTGYCAGCMG
CCGCGGTAA

GGACTACNVG
GGTWTCTAAT

Gene
bacterial 16S rRNA

bacterial 16S rRNA

archaeal 16S rRNA

archaeal 16S rRNA

V4 region 16S rRNA
(archaea and
bacteria)

V4 region 16S rRNA
(archaea and
bacteria)
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Yu et al. (2005)

Caporaso et al. (2011, 2012);
updated by Parada et al.
(2016)

Caporaso et al. (2011, 2012);
updated by Apprill et al.
(2015)



Table 2. Definitions of indices, variables, and calculated quantities used in quantitative stable

isotope probing data analysis.

Parameter

Indices

i

J

k

K
Variables

fix

Pijk

Xjk
Calculated quantities
Yiik

Yij

Wiagi

W_agj

WLigHTi

WiicHT;

Definition

taxon

replicate tube within a treatment

fraction (within a replicate tube)

number of fractions (within a replicate tube)

Total number of target gene copies per microliter (e.g., 16S
rRNA) in each kth fraction of each jth replicate tube (copies
per microliter)

Proportion of the total number of target gene copies per
microliter that are the ith taxon in the kth fraction of the jth
replicate tube (i.e., relative abundance of a taxon (i) in the
rDNA sequencing library)

density of DNA in each fraction measured by refractometer

number of target gene copies per microliter (e.g., 16S
rRNA) of the ith taxon in each kth fraction of each jth
replicate tube

total number of target gene copies copies per microliter
(e.g., 16S rRNA) of the ith taxon in the jth replicate tube

weighted average density of DNA in the jth replicate tube (g
cm )

weighted average density of the ith taxon in the jth replicate
tube (g cm®)

mean observed weighted average density for the ith taxon in
the labeled treatment (mean across all replicates of the
treatment with the heavy isotope) (g cm®)

weighted average density for the jth replicate tube in the
labeled treatment (with the heavy isotope) (g cm %)

mean observed weighted average density for the ith taxon in
the unlabeled (i.e., natural abundance) treatment (mean
across all replicates of the treatment without heavy
isotopes) (g cm 3)

weighted average density for the jth replicate tube in the
unlabeled (i.e., natural abundance) treatment without heavy
isotopes (g cm 3)
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Gi

M_LigHTi

MHeavyMmAXi

M_agi

Z;

AoxyGEni

guanine plus cytosine content of the ith taxon (unitless)

observed molecular weight of the DNA fragment containing
the target gene for the ith taxon in the unlabeled (i.e.,
natural abundance) treatment (g mol %)

theoretical molecular weight of the DNA fragment
containing the target gene for the ith taxon assuming
maximum labeling by the heavy isotope (g mol %)

observed molecular weight of the DNA fragment containing
the target gene for the ith taxon in the labeled treatment (g
mol )

difference in observed weighted average densities of
labeled and unlabeled treatments (g cm ®)

difference in observed weighted average densities of the ith
taxon for the labeled and unlabeled treatments (g cm 3)

excess atom fraction of 20 in the labeled vs. unlabeled
treatment for the ith taxon (unitless)

Table 3. Abridged sample data set (complete data in Supplemental Material 1) to calculate DNA

weighted average density of Sample E140. This is the data structure prior to merging taxon

information and serves as a first step for calculating tube-level weighted average density shifts to

initially assess a whole-community DNA weighted average density shift.

Tube
E140
E140
E140
E140
E140

Tube.Fraction DNA ng pL*

E140.10
E140.11
E140.12
E140.13
E140.14

10.64
7.93
4.94
3.93
3.86

Density g cm™
1.6823472
1.6771762
1.6740736
1.6689026
1.6658000

Table 4. Abridged (complete dataset in Supplemental Material 2) dataset of the density fraction

distribution of Taxon 972’s DNA in all samples. Taxon 972’s proportional copies of bacterial

16S rRNA gene (t.copies) and sequence relative abundance (Seq rel abun; pij) in each fraction

have already been calculated.
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Taxon  Tube  Tube.Fraction DNA ng Density g Bacterial 16S Proportional ~ Sequence
-1

ult cm rRNA gene copies  copies L Relative
ult Abundance
972 E140 E1405 1.2 1.7050996 23323.5 396.45 0.017
972 E140 E140.6 1.2 1.7009628 36325.25 84.76 0.00233
972 E140 E140.7 1.36 1.696826 68157.5 318.07 0.00467
972 E140 E140.8 6.97 1.6926892 303066.6 4545.99 0.015

Table 5. Whole sample DNA and Taxon 972’s DNA weighted average densities (WADs) for
Tubes E140 to E149 in this dataset calculated from the data files in Supplemental Material 1 and
2. Even-numbered tubes received natural abundance (0.2 atom% 80) water (water oxygen

isotope = 16) and odd-numbered tubes received enriched H,*®0 (water oxygen isotope = 18).

Tube Water oxygen isotope DNA WAD TAXON 972’s DNA
WAD
E140 16 1.6804 1.6779
E141 18 1.6839 1.6891
E142 16 1.6763 1.6717
E143 18 1.6776 1.6768
El144 16 1.6753 1.6740
E145 18 1.6805 1.6814
E146 16 1.6771 1.6728
E147 18 1.6782 1.6791
E148 16 1.6802 1.6756
E149 18 1.6806 1.6802
FIGURES
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Fig. 1. Flow diagram of the quantitative stable isotope probing (qSIP) data and analysis
workflow from sequencing data acquisition and analysis through calculation of taxon-specific
isotope enrichment in R (artwork by Victor Leshyk); gPCR, guantitative polymerase chain
reaction; WAD, weight-averaged density; IRMS, isotope ratio mass spectrometry; APE, atom
percent excess.

Fig. 2. The 80 excess atom fraction (EAF) of all taxa in the 10-d laboratory soil incubation
grouped by phylum. Each point represents a taxon classified at the genus level and displays a
95% confidence interval for the bootstrapped estimate of 30 EAF.

Fig. 3. Example of sample density shift of one natural abundance (0.2 atom% *20) (gray) and
one heavy isotope labeled (H2!®0) (orange) water receiving sample. The top panel shows the
fraction of the total bacterial 16S rRNA gene copies in each density fraction in both samples.
The bottom panel shows the fraction of the total archaeal 16S rRNA gene copies in each density
fraction in both samples. Each point on the graph represents the density of an individual DNA-
containing fraction.

Fig. 4. Example DNA density curves of bacterial taxon 972 (classified in the family
Nitrosomonadaceae) found in all five replicates (A—E) of each natural abundance (0.2 atom%
180) (gray) and heavy isotope labeled (H2!20) (orange) water receiving incubations. Each point
represents one fraction where Taxon 972’s proportional abundance of 16S rRNA gene copies
were calculated by multiplying the total 16S rRNA gene copies in a fraction (fi) by Taxon 972’s

relative sequence abundance (pijx).
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CHAPTER 3: LABORATORY MEASURES OF MICROBIAL TAXON SPECIFIC GROWTH
FAIL TO PREDICT FIELD GROWTH RATE DETERMINED VIA QUANTITATIVE STABLE

ISOTOPE PROBING WITH 80-H,0

Authors: Alicia M. Purcell*”, Paul Dijkstral, Michaela Hayer!, Benjamin J. Koch?!, Rebecca L.
Mau?, Egbert Schwartz!, and Bruce A. Hungate!*

!Department of Biological Sciences, Center for Ecosystem Science and Society, Northern
Arizona University, Flagstaff, AZ, USA

*Corresponding authors: Alicia M. Purcell, amp753@nau.edu & Bruce A. Hungate,

Bruce.Hungate@nau.edu

Abstract

Experiments that measure microbial activity in soils largely take place with laboratory-based
incubations where soils are generally disturbed via a combination of sieving, homogenization,
drying, and incubated at constant temperatures in the dark. These pre-experimental treatments
likely impact the experimental outcomes. Quantitative measures of individual microbial activity
in laboratory-based incubations versus field-based set-ups have not yet been performed. Here we
performed quantitative stable isotope probing (qSIP) with 20 enriched water in soils from a high
elevation meadow in both the field with an intact core and in the lab with homogenized soil
typical of a usual qSIP incubation. Surface exposure to light, incubation temperature, fluctuation
in temperature, differences in soil moisture, soil disturbance via collection and homogenization
were collective factors that varied between these parallel treatments. We identified more taxa as

growing in the laboratory-based incubation compared to the field. We also found that taxon
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specific laboratory gSIP growth rates did not predict those measured in the field. Some taxa grew
only in one treatment, where taxa within two ecologically important groups were excluded from
the laboratory incubation. Members of the Actinobacteria and Thaumarchaeota phyla grew
significantly faster in the field than in the lab. These results indicate that soil microbial ecologists
should aim to perform field-based growth assays to understand more representative

measurements of intact soil microbial population activity.

List of key words: gSIP, field versus laboratory method, soil microbial taxon growth

Introduction

Acknowledgement of the “great plate count anomaly” (Staley and Konopka, 1985), the
discordance between microscopy counts of microbial cells in soils and colony forming units on
agar medium plates led microbiologists to a new goal: probing microbes in situ. Molecular
techniques allowed just that, the discovery of thousands of microbial species in one gram of soil
and their genomic potential through metagenomic sequencing efforts (Torsvik and @vreas 2002,
Daniel 2005). Another goal in soil microbial ecology, measuring the in situ activity of soil
microbial communities, has occurred through applications of assays including measuring soil
respiration, extracellular enzyme activity, ATP production, and thymidine and leucine
incorporation to measure community growth (Ausmus 1973, Nannipieri, Johnson et al. 1978,
Baath 1994, Schlesinger and Andrews 2000). These techniques gave community level
measurements of activity, however the large diversity of microbial species in soils led us to begin
to understand activity of microbial populations which grow, incorporate substrates, and respire at

different rates (Hungate, Mau et al. 2015, Koch, McHugh et al. 2018, Morrissey, Mau et al.
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2018, Stone, Li et al. 2021). Quantitative stable isotope probing (gSIP) is a technique used to
obtain rates of individual microbial taxon replication through calculation of isotope uptake
including C or N enriched substrates or 0-H,0 to measure growth rate (Hungate, Mau et al.
2015, Morrissey, Mau et al. 2018, Li, Mau et al. 2019, Stone, Li et al. 2021), an improvement
over the original DNA SIP technique (Radajewski, Ineson et al. 2000). Quantitative SIP, as
presented in Hungate et al. (2015) used 1 gram of soil incubated in a centrifugation tube with
H,'80 water. Like most other experiments to measure microbial activity, these incubations took
place in the lab with sieved and dried soil where water was added to 60% water holding capacity,
preincubated prior to isotope addition, and incubated in the dark at a constant temperature for a

given period (Hungate et al. 2015).

Now, here we are with another potential discordance in soil microbial ecology, the “container
conundrum”. Are rates of soil microbial taxon specific replication rates measured in the
laboratory the same as rates measured in the field? And do individual taxa have a growth

preference for the laboratory or the field?

Most studies of soil microbial activity (barring field measurements of soil respiration and some
direct -omics approaches like meta-transcriptomics and proteomics) rely on soil incubations,
performed in the laboratory under a controlled environment with the aim of understanding
microbial activity in the soil. In particular, measures of community production via leucine and
thymidine incorporation rely on soil water slurries (Baath, Pettersson et al. 2001), and laboratory
measurements of soil respiration and carbon use efficiency, and temperature sensitivity often use

homogenized and sieved soil in vials or jars (Conant, Drijber et al. 2008, Schipper, Hobbs et al.
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2014, Spohn, Klaus et al. 2016, Geyer, Dijkstra et al. 2019). Discordance between measurements
of respiration have occurred in the laboratory and field (Curiel Yuste, Baldocchi et al. 2007).
And laboratory conditions measuring extracellular enzyme activity in soil have been brought to

scrutiny regarding their field relevance (Steinweg, Dukes et al. 2012).

Physical disturbance of soil environments has been shown to impact the relative abundances and
function of bacterial taxonomic groups in bulk and rhizosphere soil (Wang, Liu et al. 2020) and
in biocrust ecosystems (Kuske, Yeager et al. 2012, Ferrenberg, Reed et al. 2015). Similarly, in
agriculture, tilling practices, significantly affected phylum abundances (Sengupta and Dick
2015). Sieving has been shown to impact bacterial community composition as well as functional
potential and gene expression (Kumaresan et al. 2011; Blaud et al. 2017). Further, the common
pre-experimental soil drying, homogenization, and rewetting has been shown to affect bacterial
community structure (Thomson, Ostle et al. 2010). The heterogeneity of soil creates diverse
habitats for microbes, where microbial interactions, activities, and access to substrates are
impacted by their physical environment (Young, Crawford et al. 2008). Soil microaggregates
vary in their bacterial community composition (Mummey, Holben et al. 2006, Bach, Williams et
al. 2018), therefore aggregate disturbance could influence the microbial community structure and
potentially function. These disturbances could especially impact chemotactic soil bacteria that
respond to changes in their chemical environment or bacteria participating in cell density
dependent signaling required behaviors like predation or quorum sensing (DeAngelis, Firestone

et al. 2007, Berleman and Kirby 2009, Gharasoo, Centler et al. 2014).
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Soil respiration, microbial community structure and gene expression have been measured in the
field. However, the growth of individual microbes, which are diverse in their phylogeny and
physiology, has not been directly measured in the field due to technique limitations.

Many gSIP experiments aimed to measure microbial taxon activity have continued to do so in
laboratory-based incubations. Until recently (Purcell et al. 2021), gSIP had not been applied in

the field.

Methods

We performed field in situ qSIP to measure growth rates of microbes in the field, in an intact
core, with little soil structure disturbance, and simulating a rain event (Purcell et al. 2021,
accepted GCB). We also performed a parallel 10 day laboratory based incubation, set up on the
same day with the same soils that were collected, homogenized and weighed into tubes, and
incubated at 20°C after water addition in the laboratory. Our aim was to quantitatively compare
growth rates of bacteria and archaea in a relatively undisturbed soil in the field and the same soil
incubated similar to a typical laboratory gSIP study. The field experiment took place at the
highest elevation gradient site of the C. Hart Merriam elevation gradient, north of Flagstaff,
Arizona in a mixed conifer meadow. The field experimental set up was described in Purcell et al.
(2021). Briefly, ten aluminum cylinders (2.5cm in diameter, 6cm in length) were randomly
inserted into the bare soil interspaces of a high elevation mixed conifer meadow. Half of the soil
cores either received 3mls of 97.4 at% 80-H0 or natural abundance water with a side port
needle to distribute the water evenly throughout the top 3cm of the core. For the laboratory
parallel, 5 ecosystem replicates of the top 3 cm of soil were collected randomly from the same

location as the gSIP field intact soil cores. Soil from the same plots was used in both the lab and
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field experiments therefore had the same beginning gravimetric soil moisture content of 20.9 +
10.5%. On the same day as the start of the field study, these soil samples were transported to the
laboratory where they were homogenized, and 2 grams of soil received 400ul total of either 8O-
H>0 (97.4 at%) or natural abundance water, the same volume of water per gram the field soil
received. After water addition, the gravimetric moisture content increased to 42.4 + 16.1%. The
gSIP field cores were left in the field and the laboratory parallel tubes were incubated at 20°C for
10 days, frozen at -80°C, and the extracted DNA was analyzed through the gSIP pipeline
(Hungate, Mau et al. 2015, Purcell, Dijkstra et al. 2020) and as previously described (Purcell et
al. 2021). After 10 days, the soil moisture in the field decreased to 7.5 + 4.6% while the
laboratory incubation soil moisture remained the same (42.4 £ 16.1%). For each processed gSIP
DNA fraction sequenced , amplicon sequence variants (ASVs) were derived via QIIME2
(Bolyen, Rideout et al. 2019) and ASV specific rates of 20 isotope incorporation, a proxy for
DNA replication, were calculated. 20 excess atom fraction (EAF) was calculated for each ASV
as long as the ASV was found in at least 2 replicates of each natural abundance and 20 enriched
isotope treatments and at least 4 qSIP fractions within each replicate. Relative growth rates are
represented as fraction maximum enrichment (fME) which was calculated as follows: 8O-
EAFuxon/[average soil water 20 enrichment during the first 3 days of field study or soil water
80 enrichment of the laboratory study]. In the laboratory incubation, the soil water 80
enrichment was calculated using a mixing model which included the incubation beginning water
content and enrichment and the added water enrichment (97at%). In the field incubation, we
assumed the majority of microbial growth occurred in the first three days due to the moisture
content declining after water addition and therefore used the average 20 water enrichment at the

start of the incubation and the ‘80 water enrichment of the field gSIP cores after 3 days, as
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previously described in Purcell et al. (2021). The fME captures variation among taxa in the
proportion of DNA that was newly synthesized during the incubation, and thus is an estimate of
relative growth rate for individual microbial taxa (Li, Mau et al. 2019). For statistical analyses
and data visuals, R (Team 2018) was used along with the packages ggplot2, reshape2, dplyr, and
purrr (Wickham 2016, Wickham, Averick et al. 2019). The fME differences (lab — field) of
shared ASVs between the lab and field studies were determined via the calculated difference of
1000 bootstrapped iterations of fME. The growth rates differences were determined as
significant if the 90% confidence intervals of the bootstrapped difference did not overlap zero. A
linear regression was performed to determine how much variance in field taxon growth rates was
explained by laboratory taxon growth rates. For this linear regression analysis, replicate level
ASV fraction maximum enrichment growth measurements were calculated and used in the
following model: model <- Im(log(field.fME.ASV +1) ~ log(lab.fME.ASV + 1), data=

fME.tube.lab.field) and the model coefficients were obtained using summary(model) and plotted.

Results and Discussion

Here we found that taxon specific rates of relative growth (fME) in the laboratory incubation did
not predict the relative growth rates in the qSIP field tracer study (Adj R?: 0.036; Figure 1). We
measured growth rates for 476 total taxa in the lab and 444 in the field (Table 1). Only 312 ASVs
for which we could calculate a gSIP growth rate were shared between the laboratory incubation
and field tracer study (Table 1). Out of these 312 shared ASVs, only 21 were found to be
significantly growing in both treatments (i.e. the 90% confidence intervals of their calculated
growth rate did not overlap zero; Table 1). We also found that the 16S rRNA gene community

differed between the two sites after the 10 day experiments (Supplemental Figure 1).
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There were 38 ASVs where the bootstrapped difference between their laboratory and field
relative growth rate 90% confidence intervals did not overlap zero. In other words, these 38
ASVs were growing significantly faster in either the field or lab experimental treatments. The
majority, 31 out of 38 of these ASVs had significantly higher growth rate in the field (Figure 2).
Six of these “field preferers”, classified as Thaumarchaeota ASVs, were identified in the
laboratory analysis as having a growth rate of zero (90% C.I. overlap zero), while their field
growth rate was significantly greater than zero (90% C.I.s did not overlap zero). In fact, out of
the 31 ASVs with vastly higher growth rates in the field incubation, 25 ASVs were “significant
field growers”, while their laboratory growth rate estimate confidence intervals overlapped zero.
These results indicated that more shared ASVs prefer growth in their wild intact, environment
rather than the laboratory incubation.

Significant growth of more taxa in the laboratory (Table 1) could be due to increased access to
soil carbon and nutrients caused by the physical disturbance. Physical disturbance in forest
mineral, agricultural, and biocrust soils have been shown to increase microbial activity including
respiration and nitrogen mineralization (Zummo and Friedland 2011, Feng, Zhang et al. 2013,
Moberg, Johnson et al. 2013, Kainiemi, Kirchmann et al. 2016). This likely caused discordance
between the lab and field measurements, where microbes were able to increase their growth due
to these changes in nutrient access. Discordance between the field and lab can also be attributed
to differences in temperature and soil moisture overtime, where the laboratory incubation was
held at a constant 20°C and soil moisture (42.4 £ 16.1 %) and the field incubation was at field
soil temperature (mean 14 + 3.5 °C, max 21.8°C and min 8.4°C at 5cm depth) and soil moisture
that decreased to 7.5 = 4.6% over the 10 day incubation. Both temperature and soil moisture are

important controls of microbial growth and physiology, where in the laboratory these variables
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held constant (higher temperature and moisture) providing a stable environment possibly

facilitating significant growth of more ASVs overall.

Physical disturbance in the lab was also likely to contribute to the large difference in growth
rates of Thaumarchaeota and some Actinobacteria ASVs, two phyla with the majority of
representation in the ASVs with significantly different growth rates between the lab and field
(Figure 2). Actinobacteria are ubiquitous soil bacteria, many of which are saprotrophic,
filamentous, and able to form hyphae (e.g. the genus Frankia we identified as growing
significantly different in the lab and field) (Barka, Vatsa et al. 2016, Trujillo 2016). Soil physical
disturbance is likely to impact the activity of these Actinobacteria, analogous to the effect on
fungal hyphal networks (Evans and Miller 1990, Klein and Paschke 2000). The physical
structure of soils is particularly important for Actinobacteria, since they predominantly reside on
the interior of soil microaggregates (Mummey and Stahl 2004). Both Actinobacteria and the
ammonia oxidizing Thaumarchaeota have been shown to change in relative abundance with
physical soil disturbance (Dorr de Quadros, Zhalnina et al. 2012, Dong, Liu et al. 2017, Wang,
Liu et al. 2020). We also detected a decrease in abundance of Thaumarchaeota in the lab
compared to the field (Table 2).

We found that Thaumarchaeota ASVs were growing significantly slower than the community
average in the laboratory incubation, however in the field, there was no significant difference
(Table 3). This discrepancy in growth rate of Thaumarchaeota between the laboratory incubation
and field experiment will have consequences for understanding which nitrogen cycling microbes
are actively growing in soil and how much they are growing. The ammonia oxidizing archaeal

family Nitrosospheraceae are important nitrogen cyclers in soils, where ammonia oxidizing
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archaea have been shown to outcompete ammonia oxidizing bacteria when inorganic nitrogen is
low (Hatzenpichler 2012), a scenario identified in our Northern Arizona soils (Adair and
Schwartz 2008). Growth of Thaumarchaeota taxa were detected in a DNA and RNA gSIP study
from soils near Sedona, Arizona, albeit with low rates of isotope incorporation which suggested
slow turnover and high metabolic efficiency (Papp, Hungate et al. 2019). If future comparisons
show our results to be universal, i.e. laboratory gqSIP underestimate growth rates for
Thaumarchaeota, this could have implications for interpretations of their turnover and
metabolism.

Isotope tracing techniques may result in a lack of uniformity in the isotope addition, a critique of
the pooled dilution method to measure nitrogen transformations (Paterson, Midwood et al. 2009).
Our water addition in the field simulated a rain event which is a natural dispersal of water. This
lack of uniformity in water distribution is what we observed in nature, similar to the lack of
uniform distribution of plant exudates to rhizosphere soils (Starr et al. 2021). While we may not
have captured growth of all taxa in the field due to the lack of uniform *20-label and this could
have contributed to the discordance in laboratory and field taxon measurements, we assert that
our aim is to capture field relevant rates of growth. The laboratory method, which is likely to
have more uniform water distribution, still resulted in lower growth rates of some shared taxa
(Figure 2). This indicates that the water distribution alone did not contribute to the differences in

growth rates we observed.

Conclusion
The colloquial “jar effect” has been an elusive concept, in the background of many

microbiological experiments, yet challenging to test. Our findings of discordance between
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laboratory and field-based measurements of soil microbial taxon growth bring to light the
“container conundrum” and indicate that field-based methods should be preferred over those in
the laboratory when possible. Laboratory studies have been instrumental in understanding the
activity of uncultured microbes in soil. We acknowledge that a great body of scientific discovery
has resulted from measures of soil microbial activity measured in the laboratory including and
not limited to, measures of carbon use efficiency, the priming effect, temperature sensitivity, and
microbial responses to perturbations or nutrient amendments (Davidson, Janssens et al. 2006,
Blagodatskaya and Kuzyakov 2008, Sinsabaugh, Lauber et al. 2008, Ramirez, Craine et al. 2012,
Walker, Kaiser et al. 2018). We also acknowledge that the nature of many experiments does not
allow a field-based alternative (e.g. those involving significant radioisotope addition or any other
toxic compounds) and therefore a laboratory experiment is most feasible. We propose to
distinguish laboratory-based “incubation” and field-based “tracer study” in the future and
encourage soil microbial ecologists to perform field-based studies of microbial activity when
possible with intact soil cores. Quantitative measurements of microbial taxon growth in the field

can improve our understanding of wild microbial activity in the environment.
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TABLES

Table 1. Number of taxa represented as amplicon sequence variants (ASVs) found in each
experimental treatment, total ASVs in which a gSIP growth rate could be calculated, number of
significantly growing ASVs, number of ASVs shared between the treatments for which a gSIP
growth rate was calculated, and mean community growth rate with p value significance from a t

test comparing the two experimental treatments (*** p < 0.001).

Treatment # ASVscalc. #significant  # shared # shared Mean
gSIP growth growers ASVs calc. ASVs growth rate
rate (90% Cl did growth rate significantly of all taxa
not overlap growing (fME) = SE
Zero) (***)
Field Tracer 444 106 312 21 0.099 +
Study 0.002
Laboratory 476 128 312 21 0.12 £ 0.003
Incubation

Table 2. The mean relative abundance of Thaumarcheoata ASVs found in the field and lab

experimental treatments with standard error and p value significance from a Welch’s t test.

Mean Relative Abundance of
Thaumarcheaota +/- SD

Field 0.0225 +/- 0.003

Lab 0.0087 +/- 0.002

Welch’s t test p val <0.001
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Table 3. Two-way ANOVA derived pairwise contrasts of the mean difference in gSIP field and

lab derived growthrates of ASVs classified in the Thaumarchaeota phylum and all other taxa not

assigned as Thaumarchaeota. Growth rates are represented as fraction maximum enrichment

(fME).
Contrast Mean growth | SE df t.ratio p val
(fraction
maximum
enrichment
fME)
difference
estimate
Lab, 0.1186 0.0196 5426 6.041 <0.0001
Community -
Thaumarchaeota
Field, 0.0321 0.0153 5426 2.092 0.1557
Community -
Thaumarchaeota
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FIGURES

Figure 1. Relationship between laboratory derived growth rates of individual ASVs and field
derived growth rates of individual ASVs. Growth rates here are represented by log fraction

maximum enrichment (fME) which is a measure of relative growth rate.

Figure 2. Thirty eight ASVs, colored by phylum, where the bootstrapped difference between
their laboratory and field relative growth rate 90% confidence intervals did not overlap zero,
where 7 ASVs were growing significantly faster in the laboratory (right of zero) and 31 were

significantly growing faster in the field study (left of zero).
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SUPPLEMENTAL INFORMATION
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Supplemental Figure 1. Principal Coordinates Analysis (PCoA) using Bray-Curtis Dissimilarity
metric of the 16S rRNA gene microbial community in the laboratory incubation (black circles)

and parallel field tracer study (gray circles). PCoA prepared using EMPEROR () in QIIMEZ2().

Supplemental Table 1. Beta diversity metric significance p values from permanova test
calculated in QIIME2 comparing the diversity between the laboratory incubation and parallel

field tracer study.

Weighted Unweighted Bray-Curtis Jaccard
Unifrac Unifrac

Lab vs. field  0.001 0.002 0.001 0.006
p value

Supplemental Figure 2. 80 excess atom fraction for all taxa in the parallel field (A) and lab (B)

gSIP incubation colored by phylum.
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Abstract
The carbon stored in soil exceeds that of plant biomass and atmospheric carbon and its stability
can impact global climate. Growth of decomposer microorganisms mediates both the accrual and

loss of soil carbon. Growth is sensitive to temperature and given the vast biological diversity of
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soil microorganisms, the response of decomposer growth rates to warming may be strongly
idiosyncratic, varying among taxa, making ecosystem predictions difficult. Here, we show that
15 years of warming by transplanting plant-soil mesocosms down in elevation, strongly reduced
the growth rates of soil microorganisms, measured in the field using undisturbed soil. The
magnitude of the response to warming varied among microbial taxa. However, the direction of
the response — reduced growth — was universal and warming explained two-fold more
variation than did the sum of taxonomic identity and its interaction with warming. For this
ecosystem, most of the growth responses to warming could be explained without taxon-specific
information, suggesting that in some cases microbial responses measured in aggregate may be
adequate for climate modeling. Long-term experimental warming also reduced soil carbon
content, likely a consequence of a warming-induced increase in decomposition, as warming
induced changes in plant productivity were negligible. The loss of soil carbon and decreased
microbial biomass with warming may explain the reduced growth of the microbial community,
more than the direct effects of temperature on growth. These findings show that direct and
indirect effects of long-term warming can reduce growth rates of soil microbes, which may have

important feedbacks to global warming.

Key Words: field gSIP, soil microbe response to ecosystem warming

Introduction
Microbes influence carbon storage in soil, simultaneously reducing carbon through respiration,
while contributing to its accrual and stabilization by producing new biomass and extracellular

products (Bardgett et al., 2008; Liang et al., 2017; Schimel & Schaeffer, 2012). Warming could
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affect the balance of these processes, causing soils to store or release sufficient carbon to
influence the pace of climate change (Davidson & Janssens, 2006; Melillo et al., 2017), a
feedback between climate and carbon that has considerable uncertainty in earth system models
(Bradford et al., 2016; Luo et al., 2016; Wieder et al., 2013). Modeling how microorganisms
react to changes in temperature currently rests on empirical observations of the aggregated
microbial community (Davidson et al., 2006; Sinsabaugh et al., 2013), yet these responses can be
inconsistent, contributing to the uncertainty around the climate carbon feedback. For example,
experimental warming often increases soil respiration (Carey et al., 2016; Rustad et al., 2001;
Schindlbacher et al., 2011), though this effect can attenuate over time (Bradford et al., 2008;
Melillo et al., 2017; Romero-Olivares et al., 2017). Warming can reduce bacterial abundance
(Allison et al., 2010; Bradford et al., 2008; Melillo et al., 2017; Vanhala et al., 2011), increase it
(Bell et al., 2010; Zhou et al., 2012), or have no effect (DeAngelis et al., 2015; Schindlbacher et
al., 2011). Averaged across 25 experiments, warming had no significant effect on bacterial
biomass over time, though considerable variation was observed (Romero-Olivares et al., 2017).
Similarly, nitrogen mineralization generally increases with warming, but these findings also vary
greatly by study and ecosystem (Bai et al., 2013; Rustad et al., 2001). It is possible that microbial
biodiversity contributes to variation in the warming effect. Testing this idea is challenging
because measures of microbial processes aggregate the responses of thousands of individual
microbial populations that grow, respire, and expire at different rates (Blazewicz et al., 2020;
Koch et al., 2018; Morrissey et al., 2019; Papp et al., 2018). Knowing responses of individual
populations to temperature could help reduce uncertainty in the climate-carbon feedback, an idea
that has motivated several recent proposals to incorporate microbial physiology, activity, and

diversity into models (Delgado-Baquerizo et al., 2016; Wang et al., 2017; Wieder et al., 2013).:
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While temperature can influence soil microbial community composition (Zhou et al., 2016),
coupling warming effects on the microbial community to soil carbon balance remains
challenging due to the complexity and diversity of the underlying community (Delgado-
Baquerizo et al., 2018; Fierer & Jackson, 2006; Torsvik & @vreas, 2002), lack of quantitative
measures of individual populations, and dynamic effects of warming duration (Melillo et al.,
2017). Soil warming experiments have detected changes in microbial populations via 16S rRNA
gene relative abundance, phospholipid fatty acid (PLFA) profiles, and fatty acid methyl esters
(FAMEsS) analysis (DeAngelis et al., 2015; Frey et al., 2008; Melillo et al., 2017; Oliverio et al.,
2017; Yu et al., 2018; Zhang et al., 2005). However, if the goal is to understand the process rates
that impact carbon in soils, measures of microbial community composition alone may be
insufficient (Schimel & Schaeffer, 2012). Furthermore, whereas most measurements of microbial
activity occur in the lab under disturbed conditions (e.g., sieved, roots removed), our
understanding of soil responses to warming will advance from measurements of microorganisms
in the field, where they experience the environmental conditions and biological interactions
characteristic of their habitats. Responses to experimental treatments, including warming, are
more likely to be predictive of actual global change if microbial taxa are measured in intact
assemblages, experiencing field conditions.

Here, we measured taxon-specific microbial growth in a sub-alpine meadow in northern Arizona
(Supplementary Fig. 1) that had been subject to fifteen years of experimental warming
(Blankinship et al., 2010). The long-term warming experiment used intact plant-soil mesocosms
and a transplant design, whereby a set of intact mesocosms were transplanted to a lower
elevation (i.e., simulating warmer conditions), while the other set was transplanted at the same

elevation to serve as controls, hereafter referred to “warmed” and “control”, respectively. While
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transplant often alters multiple environmental factors, not just temperature (Link et al., 2003,
Waldrop & Firestone, 2006; Zumsteg et al., 2013), we manipulated precipitation to match
control plots, allowing us to isolate the effect of climate warming and warming induced changes
to the soil environment. Mean annual air temperature were 3.4 = 0.89 °C warmer in transplants
than controls from the onset of the transplant experiment in 2002 to this microbial growth study
in 2017. This magnitude of warming corresponds to projected warming above pre-industrial
levels for the middle of the 21% century (Masson-Delmotte et al., 2018). We used field
quantitative stable isotope probing (qSIP) with *O-labeled water to quantify microbial growth.
In this study, we refer to “microbes” as bacteria and archaea. This qSIP method measures the rate
at which oxygen in water is assimilated into newly-synthesized DNA (Hungate et al., 2015). 80
enrichment of a microbial taxon’s DNA is therefore a proxy for growth because oxygen from
water is ultimately used for nucleic acid synthesis (Aanderud & Lennon, 2011; Schwartz, 2007).
The 80-H,0 tracer was introduced to surface soil, simulating a modest rain event, and soils
were collected three days later for DNA and isotopic analysis, such that the period of growth
measured occurred under field conditions, with minimal environmental soil disturbance
(Supplementary Fig. 2). As far as we know, our study is the first to report field growth

measurements of “wild” microbes.

Materials and Methods

Site and transplant experiment description
This experiment took place within an existing plant-soil transplant experiment established in

2002 (Blankinship et al., 2010) along the C. Hart Merriam Elevation gradient located just north
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of Flagstaff, Arizona in only the highest elevation site (mixed conifer meadow) and its transplant
to the warmer ponderosa pine meadow. Briefly, in 2002, 30cm diameter and 30 cm long plant-
soil mesocosms were retrieved via a hardened steel corer from the mixed conifer meadow and
transplanted nearby in the same site and at the next lowest elevation site. These plant-soil
mesocosms from the 2002 experiment are hereafter referred to as “transplant mesocosms”. The
transplant mesocosms that remained in the highest ecosystem, the mixed conifer meadow are
hereafter referred to as “control” and the mesocosms that were moved to the next lowest site, the
ponderosa pine meadow are hereafter referred to as “warmed”. The mixed conifer meadow
(Supplementary Fig. 2) is at an elevation of 2620m with a mean annual temperature of 6.7+2.3°C
(2002 — 2017) and a mean annual soil temperature at 5 cm of 7.6x£1.4°C (2009 — 2017; soil
temperature data were not available for the period 2002 — 2008 because of sensor errors).
Dominant herbaceous plants in the mixed conifer meadow include Muhlenbergia montana,
Festuca arizonica, and Blepharoneuron tricholepsis (Blankinship et al., 2010). The ponderosa
pine meadow is at an elevation of 2344m with a mean annual temperature of 10.2+2.6°C (2002 —
2017) and a mean annual soil temperature at 5 cm of 9.7+£1.9°C (2009 — 2017). The plant types at
the ponderosa pine meadow include Aristida purpurea, Bouteloua gracilis, and Festuca
arizonica (Blankinship et al., 2010). The soil type in this study was Pachic Udic Argiboroll with
a loam texture (Blankinship et al., 2010). After nine years of ecosystem warming, these soils had
no significant differences in extractable carbon, but they did have a significant increase in
extractable nitrogen (Mau et al., 2018).

To compensate for lower annual precipitation at the warmer site (Ponderosa), rain collector
funnels provided 20% supplemental precipitation, an amount calibrated to simulate native

ecosystem precipitation events (Blankinship et al., 2010). Precipitation events were concurrent
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between native and transplanted plots, with a 2.6% deviation in cumulative precipitation from
2011 — 2017 (Supplementary Fig. 3.). Consistent with this, soil moisture content in the native
and transplanted mesocosms did not differ when our gSIP measurements began (Table 1). In
contrast, average monthly soil temperatures were higher at the transplant, warmed site
(Ponderosa) compared with the native site (Supplementary Fig. 4) with an average soil

temperature increase of 2.1 +0.78 °C.

Intact core field microcosm experiment description

This field gSIP microcosm experiment took place May 26-29, 2017. Aluminum sleeves (2.5cm
diameter by 6¢cm), here referred to as “microcosm cores” were pushed into random locations
(plant interspaces) within each transplant mesocosm (Supplementary Fig. 2.). Per transplant
mesocosm, one field gSIP microcosm core received 3 ml of natural abundance *2O water and one
received 3 ml of 97.4 at% enriched 80 water to the top 3cm with a double side-port needle for
even distribution. This was performed in 5 and 4 replicate transplant mesocosms at the mixed
conifer and ponderosa pine sites, respectively. The field gSIP microcosm cores were left in place
for three days to incubate in situ. The microcosm cores were removed, placed in sterile Whirl-

Pak sample bags, flash frozen in liquid nitrogen, and stored at -80°C.

Mean annual air and soil temperature and precipitation data
Daily precipitation and air and soil temperature data at 5cm depth were obtained from weather
stations maintained by the Merriam Powell Center for Environmental Research at Northern

Arizona University (https://knb.ecoinformatics.org/view/paullheinrich.26.2). The MAT for soil
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at 5cm was obtained between 2011 — 2017 and the air MAT was obtained between 2002 - 2017.

Daily precipitation was obtained from January 2011 — May 2017.

DNA extraction

The soil cores were thawed, and the top three centimeters were removed and homogenized for
DNA extraction. DNA from 3-6g of soil was extracted using the DNeasy PowerMax Soil Kit
(Qiagen) following the kit protocol with minor adjustments. The bead tube with soil and directed
solutions were vortexed on max power for 30 minutes as opposed to the 10 minutes as written in
the manufacturer’s protocol. The entire volume of each supernatant was transferred to the
following step and solution C6 was heated to 65°C before DNA elution. The C6 solution was
added to the column 1ml at a time for a total of 3mls, with a 5 minute wait time between elutions
to concentrate the DNA into a smaller volume as opposed to the 5ml direction of the kit protocol.
DNA concentration was measured using a NanoDrop Fluorometer (Thermoscientific).
Ultracentrifugation and DNA density separation: Five pug of DNA from each sample, 600 pl
gradient buffer (Hungate et al., 2015), and 2.5 ml of saturated CsCl (density 1.9 g/ml) were
added to a 3.3 ml OptiSeal ultracentrifuge tube (Beckman Coulter, Inc USA). The tubes were
capped and inverted 5x and centrifuged in an Optima Max benchtop ultracentrifuge, using a
Beckman TLN-100 rotor (Beckman Coulter, Inc USA) at 127,000 x g (60,000 rpms) at 18°C for
72 hours. Per sample, 22 DNA density fractions of volume 150 pl were collected, purified, and

quantified as previously described (Hungate et al., 2015; Purcell et al., 2020).

Quantitative PCR
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gPCR was performed on each fraction and whole DNA (non-fractionated) sample using BioRad
CFX-384 thermal cycler. Standards were prepared by amplifying DNA extracted from soil in this
study using bacterial (EUB338F/EUB518R (Fierer et al., 2005)) and archaeal
(ARC915F/ARC1059R (Takai & Horikoshi, 2000; Yu et al., 2005))16S rRNA gene primer sets.
Triplicate reactions of 10 pl were quantified using the following reaction mix: 1X Forget me Not
(Biotium), 0.2 uM each primer, 1ng template, and remaining volume of molecular grade water.
The following thermal cycling protocol was used for quantifying total bacterial 16S rRNA gene
copies: 95°C for 2 minutes and 40 cycles of 95°C for 5 seconds, 59°C for 10 seconds, 72°C for
10 seconds, then a melt curve of 0.5°C intervals, 30 seconds each, 55°C to 95°C to determine
product specificity (Purcell et al., 2020). The following thermal cycling protocol was used for
quantifying total archaeal 16S rRNA gene copies: 95°C for 2 minutes and 40 cycles of 95°C for
5 seconds, 62°C for 10 seconds, 72°C for 10 seconds, then a melt curve of 0.5°C intervals of 30
seconds from 55°C to 95°C to determine product specificity (Purcell et al., 2020). A standard
curve of 10 — 10° gene copies was included along with each plate. Data were used for further
analysis if the R? value of the standard curve was >= 0.97, amplification efficiency was 90-

110%, and the melt curve analysis revealed zero nonspecific product amplifications.

16S rRNA gene amplicon sequencing

16S rRNA gene libraries were prepared using a two-step PCR amplification method as
previously described on each fraction and whole DNA (unfractionated) sample (Purcell et al.,
2020). Sequencing primers used were 515FB/806RB that amplify the V4-V5 region (Apprill et
al., 2015; Caporaso et al., 2011; Parada et al., 2016). All gSIP DNA fractions within the density

range 1.646 — 1.723 (g/ml) were sequenced, capturing the entire DNA density curve. The DNA
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in each fraction was cleaned using isopropanol precipitation with glycogen. After normalizing
amplicon DNA concentration, they were pooled and sequenced (2 x 150 bp pair-ended
chemistry). Sequencing took place on an Illumina MiSeq platform at the Environmental Genetics
and Genomics (EnGGEN) laboratory at Northern Arizona University, Flagstaff, Arizona

(nau.edu/enggen).

Bioinformatics analysis of 16S rRNA gene amplicons

Sequences were imported into QIIME2 (Bolyen et al., 2019), demultiplexed, and denoised using
DADA2 (Callahan et al., 2016). Taxonomy was assigned using the SILVA 132 database (Quast
etal., 2012) and QIIME2 pretrained classifier (Bokulich et al., 2018). The QIIME2 core diversity
metrics pipeline was used to explore and visualize beta diversity measures of the whole
community sequenced experimental replicates (Bolyen et al., 2019; Vazquez-Baeza et al., 2013)
(Supplementary Fig. 5). A feature table containing sequence reads of all ASVs for each qSIP
fraction was exported from QIIME2 then imported into R for further analysis. Relative
abundance of a taxon was calculated as the mean relative abundance across all replicates in a

treatment using the whole DNA sample (non-fractionated) samples.

Determination of taxon specific 20 enrichment and relative growth rate

Example calculations and gSIP code to calculate taxon isotopic enrichment have been previously
published (Finley et al., 2019; Hungate et al., 2015; Koch et al., 2018; Purcell et al., 2020).
Laboratory data (including density, DNA concentration, bacterial 16S rRNA gene copies, and
archaeal 16S rRNA gene copies for each gSIP fraction), taxonomic metadata, and the QIIME2

exported feature table were all imported into R. Previously developed code was utilized to
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calculate taxon isotopic enrichment (https://bitbucket.org/gsip/). This calculates the change in
weighted average density for each taxon between the two isotope treatments, then the molecular
weight change, and ultimately excess atom fraction calculated using 1000 bootstrapped iterations
(Hungate et al., 2015; Koch et al., 2018; Purcell et al., 2020). Criteria for including taxa in the
analysis included the following: (1) a taxon had to be present in the non-fractionated gSIP whole
DNA sequenced samples (2) a taxon had to be present in at least three gqSIP fractions of two
replicates of both natural abundance and heavy 20 enriched water treatments per control or
warmed treatment. We estimated taxon relative growth rate (RGR) as a function of the rate of
180 assimilation into DNA (measured by study end point taxon ‘80 excess atom fraction),
assuming 60% of oxygen atoms in DNA were derived from water (Koch et al., 2018), assuming
populations are at a steady state, and using measured 80 soil water enrichment (Supplementary
Table 3). Taxon relative growth rate (RGR) = 0-EAFuxon/[(average soil water 20 enrichment
during three day study)*(0.6)*3 days]. RGR captures variation among taxa in the proportion of
DNA that was newly synthesized during the incubation, and thus is an estimate of relative
growth rate for individual microbial taxa (Li et al., 2019). For family level RGR differences, a
family had to have at least three members and RGR was calculated for each taxon in the family

using their 1000 iterations of bootstrapped excess atom fraction difference.

Soil water 180 enrichment

The soil water 80 enrichment was determined on an isotope ratio mass spectrometer (IRMS) for
each soil sample that received either natural abundance water or water enriched in the heavy
isotope of oxygen (H2'®0). One gram of wet soil from each sample was homogenized by

vortexing with 5 ml of nanopure water and was shaken at room temperature for seven days at
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200 rpms to allow oxygen isotope exchange. The soil-water slurry was centrifuged at 11000 x g
for 10 minutes and 2 ml of the water supernatant without visible soil particles was analyzed on
the IRMS for 80 content. A mixing model was used to determine the gSIP soil incubation water

180 enrichment (Data in Supplementary Data Table 1).

Soil property measurements

Total soil carbon and nitrogen, pH, and gravimetric moisture content were measured from the
same soils thawed from -80°C storage for DNA extraction (homogenized soil from the top 3cm
of each field gSIP microcosm core). For C, N, and gravimetric moisture content, quadruplicate
19 of soil per treatment were dried at 105°C for 24 hours. The soils for measuring total carbon
and nitrogen were weighed and analyzed in quadruplicate per treatment with standards on an
isotope ratio mass spectrometer (IRMS) at the Colorado Plateau Stable Isotope Lab at Northern
Arizona University. To measure soil pH, 1 gram of wet weight soil from each plot (n=5 and 4 for
the control and warmed, respectively) was added to 3ml deionized water, homogenized and left
at room temperature for 30 minutes prior to measurement with an electrode.

Statistical Analyses

All statistical analyses were performed in R version 3.5.2 (Team, 2018) and R studio version
1.2.5019 (Team, 2019). To test for significant differences between the two treatments for total
carbon, nitrogen, relative growth rate, and bacterial and archaeal 16S rRNA gene copies,
unpaired, two-sided t-tests were performed. For the linear regression of 16S rRNA gene relative
abundance and relative growth rate, the following model was used: model <-
Im(log(RelativeAbundance) ~ RGR. For the linear mixed effects model, the Ime4 package (Bates

etal., 2014) in R was used to estimate the variance associated with the warming treatment, taxon
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identity, and their interaction for measuring the relative growth rate response as follows:
Ime.model <- Imer(RGR~1 + (1] treatment:taxonID) + (1|treatment) + (1|taxonID), data =data).
The data used were taxon growth rates represented by relative growth rate (RGR) per replicate of

all shared taxa between the warmed and control treatment.

Data Availability Statement

The dataset used to prepare Fig. 1 (left panel) and Fig. 2 are included as a supplemental file
(Supplemental Data Table 4). Other datasets generated and analyzed during the current study are
available from the corresponding author (A. Purcell) on reasonable request. The 16S rRNA gene
sequences are available in NCBI’s SRA at BioProject accession PRINA705223. The R code
used to complete the analyses from this study is available from the corresponding author (A.

Purcell) on reasonable request.

Results

Impact of ecosystem warming on soil properties and the microbial community

Warming reduced total soil carbon and nitrogen content (Fig. 1) and decreased microbial growth
and abundance (Fig. 1; Table 1). There were no significant differences in alpha diversity
(Supplementary Data Table 2). However, beta diversity using the whole microbial community
data indicated that community composition was altered with warming (Supplementary Fig. 5;
Supplementary Data Table 3). During the tracer study, the mean soil moisture prior to H2'20
water addition at both sites was not significantly different (Table 1). Transplanted soils were

slightly higher in pH (Table 1).
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Impact of ecosystem warming on individual taxa

In addition to the observed decline in growth with warming of the aggregate microbial
assemblage, all taxonomic families shared between the control and warmed plots responded to
warming in a uniform direction with slower growth (Fig. 2). The taxa shared between the
treatments represented 74.9% of the control and 92.7% of the warmed community, indicating
fewer unique taxa growing in the warmed treatment. The families with the largest reduction in
growth rate with warming include Bacillaceae and Xanthomonadaceae (Fig. 2). Using variance
partitioning with a linear mixed effects model, we found that the overall effect of warming
explained 44.4% of the observed growth response, more than explained by taxonomic identity
(4.8%) and the interaction between warming and taxonomic identity (11.7%). Thus, the
reduction in growth rates of the whole microbial community in response to warming was more

important than observed taxon-specific responses.

Relationship between microbial growth and 16S rRNA gene relative abundance

The taxa that grew the fastest in both the warmed and control treatments were the rarer taxa
exhibiting low 16S rRNA gene relative abundances (Fig. 3). 16S rRNA gene relative abundance
was negatively related to relative growth rate, where low abundance taxa tended to grow faster
(Fig. 3). Moreover, changes in taxonomic family 16S rRNA gene relative abundance with
warming varied, where some families exhibited increases, decreases, or no change in relative
abundance (Fig. 4). In contrast, the warming response of family relative growth rate exhibited a
uniform direction of decreased growth (Fig. 4). For example, in response to warming the
Burkholderiaceae family had the largest increase in relative abundance with an observed

decrease in relative growth rate (day™) (Figure 4).

105



Discussion

The decline in microbial growth rate we observed occurred in response to fifteen years of
experimental treatment, which includes direct and indirect effects of warming. For example,
warming altered the plant community (Wu et al., 2012), nutrient cycling (Mau et al., 2018), and
pH (Table 1), all of which can influence the microbial community (Berg & Smalla, 2009;
Carrillo et al., 2017; Shen et al., 2013). Effects of warming on pH have been reported (Rousk et
al., 2013; Yue et al., 2015), possibly associated with effects on decomposition and exchangeable
cations (Mills et al. 2014), though the changes observed (~0.2) may be too small to have much
effect on bacterial growth rates (Fernandez-Calvifio & Béaath, 2010). Warming frequently alters
plant communities (Walther, 2010; Wu et al., 2011) and nutrient cycling (Butler et al., 2012;
Melillo et al., 2011), and in this experiment, we previously showed how both direct and indirect
effects of warming best explain plant growth responses over the first ten years of the study (Wu
et al. 2012). For these reasons, the reduction in microbial growth rates we observed cannot be
attributed solely to the direct effects of temperature, but rather integrate both direct and indirect

effects that occurred during the 15-year experiment.

A warming-induced decline in soil carbon has been suggested to explain the attenuated response
of microbial respiration (Conant et al., 2011; Hartley et al., 2007; Kirschbaum, 2004; Romero-
Olivares et al., 2017), decreased microbial abundance (Bradford et al., 2008; Che et al., 2018;
Frey et al., 2008; Melillo et al., 2017), reduced biomass and growth (Walker et al., 2018), and

restructured microbial communities (Yu et al., 2018). The uniform decrease in microbial growth
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rates that we measured contrasts with short-term warming responses that have been observed in
laboratory settings, where whole community growth increased (as measured by the incorporation
of thymidine or leucine) with temperature up to 25-30°C (Barcenas-Moreno et al., 2009;
Pietikainen et al., 2005; Ranneklev & Baath, 2001). We propose that warming-induced long-term
shifts in community composition (DeAngelis et al., 2015; Pietikdinen et al., 2005; Vanhala et al.,
2011), likely initial respiration increases (Romero-Olivares et al., 2017), declines of total soil
carbon (Walker et al., 2018), led to the growth response we observed to deviate from the

expectation predicted by short-term laboratory studies.

The growth rate variation associated with taxonomic identity and its interaction with warming
could sort at different levels of phylogenetic rank, as seen in responses to rewetting (Schimel &
Schaeffer, 2012) and along gradients of salinity (Martiny et al., 2015). In contrast, we found
reduced growth in response to warming at the community level (Fig. 1) and uniform reduced
growth among families present in both the control and warmed treatments (Fig. 2). Nevertheless,
there was some variation in the magnitude of the growth response to warming among taxa. The
taxa that responded most negatively to warming were common soil bacteria with cultured
representatives, such as members of the families Bacillaceae, Xanthobacteraceae, and
Xanthomonadaceae (Fig. 2), with Xanthomonadaceae previously found to exhibit a negative
response to short-term warming (Oliverio et al., 2017). A taxon classified within
Xanthomonadaceae and the genus Lysobacter decreased its growth rate by 76.1%. This genus is
ubiquitous in soil and includes described species that can produce antifungals against plant
pathogens, degrade proteins, and produce enzymes to degrade complex carbon compounds

(Kwak et al., 2015; Park et al., 2008; Qian et al., 2009). The family Bacillaceae slowed its

107



growth by 87.3 (x16.7) % with warming, an ecologically widespread family notable for its
endospore formation in response to environmental stress (Mandic-Mulec et al., 2016).
Laboratory studies have also found taxonomic variation in the response of bacteria to warming,
albeit with changes in 16S rRNA gene relative abundance, with some taxa increasing and others
declining (Oliverio et al., 2017). Our relative abundance data also reveal variation in the
direction of the response to warming, where some families had an increase, decrease, or no
change in their relative abundance (Fig. 4), contrasting with the direction of their growth rate
(Fig. 2; Fig. 4). This indicates that changes in a taxon’s 16S rRNA gene relative abundance do

not reflect their warming-induced change in growth rate.

We also observed that rare taxa exhibited some of the fastest growth rates in both the control and
warmed soils (Fig 3.), indicating the importance of low abundance taxa. Low abundance taxa
making up the “rare biosphere” can impact community structure and ecosystem function over
space and time (Jousset et al., 2017; Shade et al., 2014), but it is still unknown whether rare taxa
tend to be active or dormant. Our study gives direct evidence that rare taxa are not only active,
but some of these rare taxa are the most active in the growing microbial community and rare taxa

tended to grow faster (Fig. 3).

Decreased total abundance (Table 1) and decreased growth (Fig. 1) of the microbial community
with warming likely slows the accumulation of soil carbon, as microbially-derived carbon is a

major source of soil organic matter (Kallenbach et al., 2016; Liang et al., 2017). The carbon loss
observed may be compounded with slower carbon accumulation and further warming. Warming

can reduce carbon use efficiency (Tucker et al., 2013), the proportion of assimilated carbon that
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is retained in biomass, and soil respiration has been found to have a higher temperature
maximum than growth (Pietikdinen et al., 2005), thereby contributing to soil carbon loss. Growth
is likely reduced in the warmed soils due to the decrease in available carbon (Demoling et al.,
2007). The decline in growth observed here could coincide with a decrease in carbon use
efficiency in conjunction with less carbon being available to assimilate which may explain the
continued loss of soil carbon over time. Projected soil carbon loss with warming is highly
sensitive to microbial growth, carbon use efficiency, and allocation to extracellular enzyme
production (Allison et al., 2010). Increased allocation of carbon to extracellular products or
maintenance instead of new biomass could contribute to reduced growth, and such shifts in
allocation can occur because of stress and nutrient limitation (Lipson, 2015). Breaking down
complex carbon compounds using extracellular enzymes may help to alleviate a decline in
carbon substrates. Some of the active genera (e.g., Lysobacter, Geobacillus, and Cytophaga) in
our experiment have representatives that are known to degrade complex substrates like xylan,
lignin, and chitin (Brumm et al., 2015; Lopez-Mondéjar et al., 2020; Park et al., 2008).
Measurements that reveal how organisms allocate substrates to new cell growth, cell
maintenance, protein synthesis, storage, and cell structures would help complete the picture of
how warming alters microbial growth. Direct measures of growth of individual taxa, as shown
here, provide new information to evaluate trait-based frameworks. However, the uniform
direction response to warming across families challenges the idea of discrete life history
strategies and phylogeny for predicting microbial responses to a changing environment (Ho et

al., 2017; Isobe et al., 2020; Malik et al., 2020).
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Our work shows that it is possible to quantify how environmental change affects the growth rates
of individual soil microbial taxa in the field without the artifacts introduced by laboratory-based
assays. Since the majority of environmental microbes have not been cultured (Steen et al., 2019)
and measuring taxon specific activity remains challenging even in culture independent
techniques, field qSIP has broad potential for revealing taxonomic variation — or its absence

— in response to environmental change, and thereby exploring whether microbial biodiversity
accounts for the variation in response observed in aggregate. Furthermore, gSIP has the power to
compare population 16S rRNA gene relative abundance patterns with measures of their growth,
which in our study indicated that the fastest growing taxa had some of the lowest 16S rRNA
gene abundances (Fig. 3) and changes in taxon relative abundance with warming are discordant
with changes in growth rate (Fig. 4). This provides evidence that estimating the ecological
importance of taxa and their responses to environmental change based solely on 16S rRNA gene
abundances may not be accurate. The findings presented here show that warming increased
decomposition, which, over 15 years, caused a loss of soil carbon, suppressing microbial growth
rates. Given the universal reduction in growth observed across taxa, our findings suggest that an
aggregate measure of bacterial growth may suffice for modeling microbial contributions to

carbon cycling responses of terrestrial ecosystems to warming.
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TABLES

Table 1. Mean measurements during the three-day field quantitative stable isotope probing

(gSIP) warming experiment of an Arizona meadow. Mean air and soil temperature at 5 cm depth

were obtained from weather stations of the Merriam Powell Center for Environmental Research

at NAU that recorded temperature every hour. Soil moisture was measured from soil collected

from the plant-soil transplant mesocosm, outside of each field gSIP microcosm core. Bacterial

and archaeal 16S rRNA gene copies were measured using quantitative PCR. 16S rRNA gene

abundances were measured in triplicate from 5 and 4 microcosm cores for the control and

warmed microcosm cores, respectively. Asterisks represent significance from an unpaired t test:

NS, not significant; *, p <0.05, **, p<0.01,***, p<0.001.

Site | Mean | Mean Soil | Mean Soil | Mean Mean Bacterial | Mean Archaeal 16S
Air Temperatu | Moisture | Soil pH 16S rRNA rRNA gene copies X
Tempe | re 5cm (%) NS *x gene copies X | 10° g dry soil 1**
rature | (°C) ** 10! g dry soil -

(oC) 1%
*k*k

Cont | 122+ [141+04 |17.7+£19 |6.34% 35+0.2 43+05

rol 0.5 0.06

War |15+ 155+03 | 1864 6.52 + 1.4 +0.6 23104

med | 0.5 0.03
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FIGURES

Figure 1. Measures of soil microbial relative growth rate (day*) and total carbon and nitrogen
from the three day in situ field quantitative stable isotope probing (gSIP) warming experiment
with 80 enriched water in an Arizona meadow. The mean relative growth rate (RGR) of all taxa
present in the control and warmed treatments (left panel). The mean percent of total carbon
(middle panel) and nitrogen (right panel) present in the control and warmed soil qSIP
microcosms. Error bars indicate standard errors and p values indicate t-test results

Figure 2. The differences in relative growth rate (day™) of shared taxa by taxonomic family
between the warmed and control soils of a three day in situ field quantitative stable isotope
probing (qSIP) warming experiment with 80 enriched water in an Arizona meadow. Each point
represents the median RGR of a taxonomic family where a minimum of three taxa were
represented, with 95% confidence intervals of the bootstrapped difference. Points below zero
indicate slower growth rate of that family in the warmed treatment.

Figure 3. The relationship between taxon 16S rRNA gene relative abundance and relative growth
rate. Points represent each taxon in either the control or warmed treatment of the three day in situ
field quantitative stable isotope probing (qSIP) warming experiment with 80 enriched water in
an Arizona meadow.

Figure 4. The differences in 16S rRNA gene relative abundances versus the difference in relative
growth rate (day™) of shared taxonomic families between the warmed and control soils of a three
day in situ field quantitative stable isotope probing (qSIP) warming experiment with 20

enriched water in an Arizona meadow. Each point represents the sum of 16S rRNA gene relative

126



abundance of a taxonomic family or median relative growth rate in the warmed minus the control

N
Ny

@
£
&

&
RS

hews e
o —
Warmed

P&
O &
g
s
L&
€]

,b%
,bG

0.0012

T-test, p
Control

@ @
>
o

< @ «o = 9
s o o o o
_.Emo:_z_ﬁo._.nxv

05
2 @
Loy
@
'Dooi"b()'
ohE
To®
&
&
@
\)Q

I
o —
Warmed

I‘ITI:II]TIIII }l“l‘ Hl

0.00056
W
,bo

T-test, p
Control
L N J
&
@g)
R

,be.
5

XS

¥
S

T T T —_—— Qmuronv
© < o~ o —_—— S
uoqJey [ejol % ———

—
2 of

‘ p
250
&
R

Warmed
| ‘
o @

3
¢
fb‘;@i
0

'boyg'z’o\

v~.

(\‘%be’\

2

L ]
T
2

Tiest, p<22e-16
®
&
15
o
T
R
d
S

. . %
o o o = P10,
o o = o e

(josuo0 - pauiiem) asualayip ( . Aep) ajes yimoib snnejey &

Control

T
o
~

0.20 1
0.151
0.051
0.00 1

S
(,-Aep) sres ymoib
ETMETEYRVETI

treatment, where a minimum of three taxa were represented.

Figure 1.

Figure 2.

127



N
1

Adj R2 = 0.030543
Intercept = -2.8057
Slope =-1.9373
p = 3.3867e-07

N o
1 1

Log(16S rRNA gene relative abundance)
A

0.0 0.1 0.2 0.3 0.4
Relative growth rate (day ™)

Figure 3.

128



16S rRNA gene relative abundance difference
(warmed - control)

Figure 4.

o
o

o
=
S

-0.01

-0.15

-0.10 -0.05
Relative growth rate (day - ) difference (warmed - control)

129

family

0319-6G20
67-14
Acetobacteraceae

+ AKYH767

¥ Bacillaceae

= bacteriap25
Beijerinckiaceae
Blrii41
Blastocatellaceae
Burkholderiaceae
Caulobacteraceae

» Chitinophagaceae A

B Chthoniobacteraceae #

Cytophagaceae ES

Diplorickettsiaceae
Gemmataceae
Gemmatimonadaceae
Geodermatophilaceaes
Haliangiaceae
Micromonosporaceae
Microscillaceae

[ XN
-

Nitrosomonadaceae
Nitrososphaeraceae
Nocardioidaceae
Pedosphaeraceae
Pyrinomonadaceae
Sclibacteraceae (Subgroup 3)
Solirubrobacteraceae
Sphingomonadaceae
TRA3-20

unassigned 11-24
unassigned Acidimicrobiia
unassigned Chitinophagales
unassigned Gaiellales
unassigned Gammaproteobacteria Incertae Sedis
unassigned IMCC26256
unassigned Microtrichales
unassigned Subgroup 7
unassigned TK10

WD2101 sail group
Xanthobacteraceae
Xanthomonadaceae



SUPPLEMENTAL INFORMATION

Supplementary Figure 1. Image of Hart Prairie, our mixed conifer meadow (control) study site in
Northern Arizona taken in May 2017, from which the soil transplant originated in 2002 and was

transplanted in both this environment and to the warmer site at a lower elevation.

Supplementary Figure 2. Image of elevation gradient transplant mesocosm (white collar) at the
control site of our study (mixed conifer meadow) with the aluminum field quantitative stable

isotope probing microcosm cores (pop-out).
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Supplementary Figure 3. Monthly precipitation totals from January 2011 to May 2017 at the
mixed conifer meadow (control) and ponderosa site (warmed) where the soil transplant occurred.
Data was obtained from the Merriam Hart Elevation Gradient weather data
(https://knb.ecoinformatics.org/view/paullheinrich.26.2). For the ponderosa site precipitation
data, 1.2x multiplier was used for each precipitation event to simulate the precipitation at the
native mixed conifer meadow due to ponderosa having a lower annual precipitation. This was

accounted for in the experimental design using rain collectors*..
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Supplementary Figure 4. Monthly average soil temperature at 5cm depth from January 2011 to
May 2017 at the mixed conifer meadow (control) and ponderosa site (warmed) where the soil
transplant occurred. Data was obtained from the Merriam Hart Elevation Gradient weather data

(https://knb.ecoinformatics.org/view/paullheinrich.26.2).
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Supplementary Figure 5. Principal coordinates analysis of Bray-Curtis dissimilarity between the
whole microbial community 16S rRNA gene sequencing of the control soil (black spheres)
versus the warmed soil (gray spheres). Each sphere represents one sequenced sample where 9
(control) and 6 (warmed) samples were sequenced within each plant-soil transplant mesocosm
totaling 45 and 20 samples for the control and warmed treatments, respectively. This figure was

generated using EMPeror®® implemented in QIIME2%3,

Supplementary Table 1. 20 enrichment of the soil water in all soil microcosm replicates during

the three day field warming quantitative stable isotope probing experiment in an Arizona

Meadow.

Site-Replicate Excess atom
fraction 20 soil
water

Control-1 0.469

Control-2 0.448

Control-3 0.377

Control-4 0.531
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Control-5 0.402
Warmed-1 0.677
Warmed-2 0.456
Warmed-3 0.378
Warmed-4 0.374

Supplementary Table 2. Alpha diversity metrics and significance between the control and

warmed treatment of 16S rRNA gene abundance for the whole community as indicated by

pairwise Kruskal-Wallis comparison.

Treatment Faith’s Shannon’s Simpson’s Chaol Index | Observed
(Whole Phylogenetic | Diversity Diversity Features
Community) | Diversity Index Index

Control 47 8.41 0.9937 641 641
Warmed 45.7 8.35 0.9939 610 610

p value 0.238 0.443 0.136 0.334 0.337

Supplementary Table 3. Significance of beta diversity metrics of 16S rRNA gene abundance for

the whole community between the control and warmed communities as indicated by pairwise

ANOSIM p value.

Treatment Bray-Curtis Jaccard Unweighted Weighted

Dissimilarity similarity index | Unifrac Unifrac
Control vs. 0.001 0.001 0.001 0.001
Warmed p value
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Abstract

As the Antarctic Peninsula continues to warm, ice free terrestrial environments are expanding.
How these newly exposed ecosystems will continue to respond to temperature increases remains
unclear. These developing ecosystems are subject to colonization by new microbes and plants
which control biogeochemical cycling including carbon gain and loss. The growth rates of
individual microbes with and without the presence of plants on glacier forefields is critical for
understand how terrestrial ecosystems in Antarctica respond to warming. Growth rates of
individual microbes measured in the field can identify how much individual taxa are growing
and whether their growth response to warming varies. We performed quantitative stable isotope

probing with H2!80 using intact cores in the field to measure taxon-specific growth rates of
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bacteria in early (bare fellfield soil) and late (moss-dominated) successional glacier forefield
soils to determine bacterial taxon response to short term (1 month) warming. We found that the
bacterial communities in both our early and late successional sites increased their growth with
warming, more so on average in the late successional site. Individual taxa varied in their growth
response; however, most taxa increased their growth with warming. Our results together indicate
that modest (2 and 1.2 °C in the early and late successional sites, respectively) soil warming
dramatically increased growth rates of bacterial taxa along a glacier forefield chronosequence on
the Antarctic Peninsula. The differences in magnitude of the individual taxon growth response to
warming indicated that the immediate release from temperature limitation was important, but not
the only factor controlling the growth rate of individual microbes. Our results also indicate that
later successional, vegetated sites are more sensitive to increasing temperatures which can have

important carbon cycle feedbacks.

Introduction

The Antarctic Peninsula is warming at a faster pace than the global average, with extensive
glacier retreat (Cook et al., 2016; Siegert et al., 2019; Turner et al., 2005). Consequently, ice free
regions on the Antarctic Peninsula are predicted to expand, creating new habitats for diverse
microbial, plant, bird, and mammal communities (Lee et al., 2017; Siegert et al., 2019). Initially,
these ice-free regions are dominated by microbes that cycle nutrients and determine ecosystem
carbon loss and gain. Resident microbial communities in these ecosystems are dominated by
autotrophs that fix carbon to fuel growth and activity of the heterotrophic microbial community
(Makhalanyane et al., 2015; Schmidt et al., 2008), ultimately providing the environment with
nutrients for plants to develop (Bradley et al., 2014; Fernandez-Martinez et al., 2017; Schulz et

al., 2013). On the Antarctic Peninsula, bryophytes dominate late successional glacier forefield
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ecosystems due to their resilience and cold tolerance (Raymond, 2016); in particular the moss

Chorisodontium aciphyllum which can form extensive peat banks (Biersma et al., 2018).

Warming on the Antarctic Peninsula has increased moss peat bank growth and accumulation and
future warming is predicted increase greenness following similar trends as Arctic ecosystems
(Amesbury et al., 2017; Convey, 2011; Loisel et al., 2017; Royles et al., 2013). Mosses are
important in both Arctic and Boreal ecosystems where they are responsible for a significant
portion of primary production, regulating soil moisture and temperature, nitrogen availability via
their bacterial symbionts, and carbon storage (Turetsky, 2003; Turetsky et al., 2012). Mosses on
the Antarctic Peninsula are sensitive to temperature change, as are mosses in the Arctic
(Amesbury et al., 2017; Day et al., 2009; Deane-Coe et al., 2015; Dorrepaal et al., 2009; Hobbie
et al., 2000; Prather et al., 2019). Mosses are known to have diverse, symbiotic microbial
communities that are important for plant and ecosystem function including nutrient exchange and
stress protection (Bragina et al., 2012; Holland-Moritz et al., 2021). Microbial activity associated
with moss in Antarctica and their warming response is largely unexplored. These mosses and
their microbiomes are likely to continue to be key players in nutrient cycling and ecosystem
carbon gain and loss as the Antarctic Peninsula continues to warm and moss habitat expands.
The warming response of microbial growth may be more pronounced at late successional sites
due to the higher availability of carbon, nitrogen, and nutrients associated with these moss
environments compared with bare-fellfield soil. Ice free regions in antarctica are model systems
for understanding how warming impacts the growth of individual microbes from bare fell field

soils to moss peat banks which feedback to the global climate.

137



Studies aiming to understand how terrestrial Antarctic microbial communities have changed in
response to warming and over time since deglaciation have indicated a variety of microbial
responses (Amesbury et al., 2017; Bajerski & Wagner, 2013; Dennis et al., 2013; Yergeau et al.,
2012; Yergeau & Kowalchuk, 2008). Cyanobacterial abundance (Wynn-Williams, 1996) and
rates of carbon and nitrogen cycling of microbial communities have increased with warming in
Antarctic soils (Benhua et al., 2014). The microbial community composition along a glacier
forefield chronosequence changed substantially (Bajerski & Wagner, 2013) and there have been
observed increases in community nitrogen fixation and heterotrophic denitrification rates with
time since deglaciation (Strauss et al., 2012). A three-year soil warming study on the Antarctic
Peninsula indicated changes in community composition and a loss of functional diversity
(YYergeau et al., 2012) while another four-year warming study indicated no change in community
composition (Newsham et al., 2019). Analysis of testate amoeba fossils, a proxy for microbial
productivity, showed an increase in microbial activity associated with Antarctic mosses since the

1960s in response to climate warming (Amesbury et al., 2017; Royles et al., 2013).

Microbial community-level assessments are informative, however microbial communities are
complex and individual microbes grow and assimilate nutrients at different rates (Hungate et al.,
2015; Li et al., 2019; Morrissey et al., 2018). Soil microbes control the release and storage of
carbon (Schimel & Schaeffer, 2012). As temperature increases, concurrent growth and biomass
increases could result in a soil carbon increase. Alternatively, warming may stimulate growth of
microbes that turnover their populations quickly, where cell abundance in soil may remain the
same, yet more carbon is release to the atmosphere as carbon dioxide (Hagerty et al., 2014).

Increased temperature is likely to stimulate activity in Antarctic ecosystems where microbes live
138



below their optimal growth temperature (Rinnan et al., 2009). Determining how warming
impacts field in situ growth rates of microbial taxa can understand their impact on ecosystem

carbon cycling.

We conducted a field study at two sites along a chronosequence of exposed substrate from the
retreating Marr Ice Piedmont glacier, Anvers Island, West Antarctic Peninsula. We used open-
top chambers to manipulate air and soil temperature which resulted in a soil temperature increase
of 2.0 and 1.2°C at our two sites. We conducted a quantitative stable isotope probing (gSIP)
tracer study with H2!80 to assess how warming impacts the growth rates of bacterial taxa using
intact cores to obtain field relevant bacterial taxon growth rates. The first site was a young, low
productivity site, two years post deglaciation near the terminus of the Marr Ice Piedmont glacier
in which we refer to as “early successional site”. The second which we refer to as the “late
successional site”, was an older, higher productivity site on Litchfield Island, ~500 years post
deglaciation, in a Chorisodontium-Polytrichum moss peat bank, and is located ~2km away from
the early successional site. We obtained bacterial taxon-specific growth rate measurements
through soil amended with enriched H,*20, where the incorporation of 80 atoms into DNA
occurred when microbes grew. We compared growth rate of microbes between the early and late

successional sites and the bacterial taxon response at both sites to 28 days of warming.

We hypothesized that microbial community growth would increase with warming at both the
early and late successional sites and that growth responses of individual taxa would be variable
in magnitude and direction. Many Antarctic soil bacteria are known to be living below their

optimal growth temperature (Rinnan et al., 2009). This is likely due to the cold environment and
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temperature fluctuations selecting for the cold adapted psychrotolerant bacteria that prefer higher
growth temperatures (Gesheva & Negoita, 2012; Moyer & Morita, 2007; Russell, 1990). Further,
an increase in growth with warming of some community members, like the cyanobacteria
(Wynn-Williams, 1996) and chemoautotrophs will support the growth of carbon limited

community members.

We also hypothesized that community growth would be higher at the late successional site
compared to the early successional site and the magnitude of growth response to warming would
be higher in the late successional site compared with the early successional site, both driven by
differences in soil carbon. Primary succession after glacier retreat, volcanic activity, or severe
disturbance can lead to increases in soil organic carbon, plant presence and community shifts,
changes in microbial biomass and activity, as well as microbial community composition shifts
(Ciccazzo et al., 2016; Hu et al., 2021; Knelman et al., 2012; Pennanen et al., 2001; Walker &
del Moral, 2009; Yoshitake et al., 2013). We hypothesized that between the early and late
successional sites along this chronosequence, microbial community composition would
dramatically change and microbial biomass and activity would increase from the early to late
succession sites due to higher substrate availability. Recently deglaciated soils are low in carbon
and nitrogen and are dominated by cyanobacteria (Kastovska et al., 2005; Wynn-Williams,
1996). Microbial activity is highest on glacier forefields near the presence of plants (Miniaci et
al., 2007), and microbial biomass and activity increases with vegetation cover along
chronosequences (Ohtonen et al., 1999). Overall, our goal was to determine the field-based
growth response of individual bacteria to warming on a recently deglaciated Antarctic ecosystem

and how the magnitude of the warming response changes from early to late successional sites.
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Materials and Methods

Site Description

The Marr Ice Piedmont glacier is located on Anvers Island, behind Palmer Station, West
Antarctic Peninsula. The Marr Ice Piedmont glacier has retreated ~450m since 1960
(Supplemental Figure 1). Our study took place at two sites along a primary productivity gradient
within the chronosequence of the Marr Ice Piedmont glacier nearby Palmer Station
(Supplemental Figure 1 and 2). The first site, referred to as “early successional, non-vegetated”
is located near the glacier terminus, deglaciated ~2 years prior to our experiment. This recently
deglaciated site has rocky terrain and no vegetation. The second site is on Litchfield Island in a
moss dominated ecosystem that was last deglaciated hundreds of years prior to our experiment.
Here, we refer to this site as “late successional, vegetated”. Litchfield Island is an Antarctic
specially protected area due to its high diversity in mammal, bird, and plant habitats, and its
unique topography (ASPA 113 (SPA-17), therefore limited science is performed at Litchfield
Island. Characteristics of the soil environments at these two sites including gravimetric water
content, pH, and soil organic matter are reported in Supplemental Table 1.

The average air temperature at Palmer Station has been steadily increasing since data began to be
collected in 1975 (Supplemental Figure 3). Since 1989, mean annual precipitation at Palmer

Station has decreased (Supplemental Figure 6).

Intact Core Field gSIP Tracer Study Description
In December 2018/January 2019, we set up 5 replicates of 1m diameter control and open top
chamber (warmed) plots near the Marr Ice Piedmont Glacier Terminus (early succession) and in

a Chorisodontium-Polytricum peat bank on Litchfield Island (late succession) (Figure 1). In
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January 2019, we used sterile stainless-steel cores (3.5 x 6¢cm) with a tapered edge driven into 2
random location in each control and warmed plot in the early succession site. At the late
succession site, we used a scalpel to cut a cylinder of moss 3cm in length, fit into the bottom of a
sawed off 50ml centrifuge tube. The early succession cores were carefully removed from the
plots, 1 layer of each parafilm and surgical tape, secured by masking tape were place on the
bottom of each core. Then, 5 mls of either natural abundance 80-water (molecular grade Fisher
Sci) or 98 atom percent 80-H,0 (Isoflex USA, San Francisco, USA) were added to each core.
The cores were then covered with parafilm, surgical tape, and secured by masking tape and
placed back into the plots where each core was retrieved. At the late succession site, the moss
cores in the 50ml centrifuge tubes received 5 mls of either natural abundance 80-water or 98
atom percent 0 water using a double side-port needle, then covered with parafilm, surgical
tape, and secured with masking tape, then placed back where the core was retrieved. These “field
qSIP tracer study cores” were left in their respective plots in the field for 28 days. After 28 days,
the cores were flash frozen, stored at -80°C at Palmer Station, shipped to Northern Arizona
University at -70°C, then stored at -80°C.

DNA extraction

The soil cores were thawed, removed from the outer core or centrifuge tube, weighed, and the
top 3 centimeters were removed and homogenized for DNA extraction. A subset of the soil was
used for obtaining dry mass measurements in a 105°C drying oven for 24 hours. For the moss
cores, sterile scissors were used to cut up the moss prior to DNA extraction. DNA from 6-7g of
soil or moss was extracted using the DNeasy PowerMax Soil Kit (Qiagen) following the kit
protocol with minor adjustments. The bead tube with soil and directed solutions were vortexed

on max power for 30 mins as opposed to the 10 mins as written in the manufacturer’s protocol.
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The entire volume of each supernatant was transferred to the following step and solution C6 was
heated to 65°C before DNA elution. The C6 solution was added to the column 1 ml at a time for
a total of 3 mls, with a 5 min wait time between elutions to concentrate the DNA into a smaller
volume as opposed to the 5 ml direction of the kit protocol. DNA concentration was measured
using a Qubit with PicroGreen (ThermoFisher Scientific, Massachusetts, USA). Some samples
resulted in low DNA concentrations that required concentrating prior to ultracentrifugation
where a limited amount of DNA volume is allowed. For these samples, an isopropanol
precipitation with glycogen was used.

Ultracentrifugation and DNA density separation

Three pug of DNA from each sample, 3.675 ml of saturated CsCl (density 1.9 g/ml), and a
remainder volume of gradient buffer were added to a 4.7 ml OptiSeal ultracentrifuge tube
(Beckman Coulter, Inc USA) and masses of tubes were equaled with the gradient buffer. The
tubes were capped and inverted 5x and centrifuged in an Optima Max benchtop ultracentrifuge,
using a Beckman TLN-100 rotor (Beckman Coulter, Inc USA) at 127,000 x g (60,000 rpms) at
18°C for 72 hours. Approximately 22 DNA density fractions of volume 200 pl were collected,

purified, and quantified as previously described (Purcell et al., 2020).

Quantitative PCR

gPCR was performed on each fraction and whole DNA (non-fractionated) sample using BioRad
CFX-384 thermal cycler as previously described (Purcell et al., 2020). Standards were prepared
by amplifying DNA extracted from soil in this study using bacterial (EUB338F/EUB518R) 16S
rRNA gene primer sets (Fierer et al., 2005). Triplicate reactions of 10 ul were quantified using

the following reaction mix: 1X Forget me Not (Biotium), 0.2 uM each primer, 1ng template, and

143



remaining volume of molecular grade water. The following thermal cycling protocol was used
for quantifying total bacterial 16S rRNA gene copies: 95°C for 2 minutes and 40 cycles of 95°C
for 5 seconds, 59°C for 10 seconds, 72°C for 10 seconds, then a melt curve of 0.5°C intervals, 30

seconds each, 55°C to 95°C to determine product specificity.

16S rRNA gene amplicon sequencing

16S rRNA gene libraries were prepared using a two-step PCR amplification method as
previously described (Purcell et al., 2020) on each fraction and whole DNA (unfractionated)
sample. Sequencing primers used were 515FB/806RB that amplify the V4-V5 region (Apprill et
al., 2015; Caporaso et al., 2011; Parada et al., 2016). All gSIP DNA fractions within the density
range 1.65 — 1.74 (g/ml) were sequenced, capturing the entire DNA density curve. The DNA in
each fraction was cleaned using isopropanol precipitation with glycogen. After normalizing
amplicon DNA concentration, they were pooled and sequenced (2 x 150 bp pair-ended
chemistry). Sequencing took place on an Illumina MiSeq platform at the Environmental Genetics
and Genomics (EnGGEN) laboratory at Northern Arizona University, Flagstaff, Arizona

(nau.edu/enggen).

Bioinformatics analysis of 16S rRNA gene amplicons

Sequences were imported into QIIME2, demultiplexed, and denoised using DADA2. Taxonomy
was assigned using the SILVA 138 database and QIIME2 pretrained classifier. The QIIME2 core
diversity metrics pipeline was used to explore and visualize beta diversity measures of the whole

community sequenced experimental replicates. A feature table containing sequence reads of all
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ASVs for each gSIP fraction was exported from QIIMEZ2 then imported into R for further
analysis.

Determination of taxon specific 20 enrichment

Growth rates were determined using quantitative stable isotope probing with ¥0-H,O (Hungate
et al., 2015). The oxygen atoms from this 20 isotopically enriched water can exchange with the
oxygen atoms in inorganic phosphate resulting in the 80 labeling of nitrogenous bases,
phosphate, or deoxyribose of actively growing microbes (Schwartz, 2007). Example calculations
and gSIP code to calculate taxon isotopic enrichment have been previously published (Finley et
al., 2019; Hungate et al., 2015; Koch et al., 2018; Purcell et al., 2020). Laboratory data
(including density, DNA concentration, bacterial 16S rRNA gene copies for each gqSIP fraction),
taxonomic metadata, and the QIIME2 exported feature table were all imported into R. Previously

developed code was utilized to calculate taxon isotopic enrichment (https://bitbucket.org/gsip/)

(Koch et al., 2018). This calculates the change in weighted average density for each taxon
between the two isotope treatments, then the molecular weight change, and ultimately excess
atom fraction, with confidence limits determined using 1000 bootstrapped iterations. Criteria for
including taxa in the analysis included the following: a taxon had to be present in at least four
gSIP fractions of two replicates of both natural abundance and heavy ‘20 enriched water
treatments per control or warmed treatment. Therefore, the only taxa considered in the results
were those for which a growth rate could be calculated. Relative growth rate (RGR) day™ was
calculated as follows: EAFuxon/[(average soil water 20 enrichment during tracer study)*0.6*28],
similar to RGR calculations described previously (Li et al., 2019). RGR captures variation
among taxa in the proportion of DNA that was newly synthesized during the incubation, and thus

is an estimate of relative growth rate for individual microbial taxa. These relative growth rates do
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not account for taxon turnover during the 28-day incubation, which results in an underestimate of
RGR. Our model also assumes populations remained at a steady state, where birth rate and death
rate are equal. Future estimates of growth may use different models to calculate growth rate,
however the patterns of individual taxa and their response to warming will remain the same. The
average soil water 80 enrichment during the tracer study was calculated using a mixing model
of the proportion of natural abundance water originally in the sample and the proportion of 98
at% enriched 80-H,0 added to the soil samples. For linear model and phyla differential growth
with warming analyses, taxon excess atom fraction and ultimately relative growth rate was
calculated on a replicate basis following the published equations (Hungate et al., 2015; Purcell et
al., 2020). Taxa were filtered as described above. Weighted average density difference of a taxon
was calculated for each replicate using the taxon’s average weighted average density across
natural abundance oxygen tubes subtracted from each taxon’s weighted average density in each
180 tube. Replicate excess atom fraction for each taxon was then used to calculate replicate

relative growth rate as described above.

Statistical Analyses

In R, a linear mixed effects model and variance partitioning analysis was used to determine the
variance in bacterial growth rate associated with individual ASV, warming treatment, and site
using the Ime4 package (Bates et al., 2014). In R, using model output from the linear model Im()
function, an analysis of variance was performed to determine if site, treatment, and their
interactive effect was significant in predicting taxon growth rate. The proportion of cumulative
growth attributed to each phylum was determined in each sample replicate tube and significant

differences between phylum contributions to total community growth was determined also with
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an analysis of variance and the emmeans package to determine pairwise contrasts between phyla
across treatments and the two sites. The data included in all models was taxon growth rate per
treatment plot, where a taxon was present in at least two plots where a qSIP growth rate was
calculated as well as at least 4 fractions within each natural abundance and *20 enriched sample.
The Bray-Curtis, Jaccard, and weighted and unweighted Unifrac distance betadiversity
calculations and PERMANOVA analyses were performed in QIIME2 (Bolyen et al., 2019).

The NMDS ordination analysis was performed in R using the vegan package and function
metaMDS (Oksanen et al., 2013). The distance metric used was Bray-Curtis dissimilarity for
both community relative abundances and relative growth rates. Analysis of similarity (ANOSIM)

was used to determine significant difference between control and warmed treatments.

Results
Microbial Community Abundance and Diversity

Early and late succession bacterial communities differed in beta diversity, but warming had no
effect (Supplemental Table 3 and Supplementary Figure 4.). ASV richness was higher in both the
control and warmed plots of the late site compared with the early site (Supplemental Table 4).
Warming had no effect on bacterial 16S rRNA gene copy (Supplemental Table 4). Bacterial
abundance was higher at the late successional site compared to the early successional site
(Supplemental Table 4). Archaeal 16S rRNA gene sequences were not detected in our

sequencing data at either site.

Phylum level patterns of growth in each treatment and site
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Proteobacteria were the dominant growing taxa across both sites and temperature treatments,
contributing nearly half of total community growth (Figure 2). Aside from the Proteobacteria, in
the early succession non-vegetated plots, Actinobacteriota and Bacteroidota were dominant
community growers and in the late succession vegetated plots, Acidobacteriota,

Actinobacteriota, and Verrucomicrobiota were dominant community growers (Figure 2).

Within Site Bacterial Community Growth Response to Warming

During the field qSIP incubation, the warming treatment increased soil temperature by 2 + 0.47
°C for the early successional site and by 1.2 + 0.47 °C for the late successional site (Table 1 and
Supplemental Figure 4). Consequently, the number of freeze-thaw cycles declined in the warmed
plots (Supplemental Figure 4). Warming increased bacterial community growth rate (Table 1).
Both cumulative and average growth rate of the bacterial community increased at both sites with
warming (Figure 3 and 4, Supplemental Table 5). All taxa present in each site were found in both
the warmed and control treatments, however growth rates were not calculated for all taxa due to
sparce appearance in density fractions and replicates in either control or warmed plots. The
increase in community growth rate with warming was driven by the taxa growing in both the
control and warmed plots (Figure 4a and 4b). Nearly 40% of growth in the early succession site
warmed plots was attributed to taxa where a growth rate was not calculated in the control due to

sparce appearance across replicate and fractions (Figure 4a).

Warming did not cause a significant difference in community diversity (ANOSIM R statistic = -

0.005, p value = 0.479) measured via Bray-Curtis dissimilarity, however warmed did
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significantly affect community growth rate in the early successional site (ANOSIM R statistic =
0.484, p value = 0.017) (Figure 5). Warming at the late successional site resulted in more
divergent growth rates (ANOSIM R statistic = 0.152, p value = 0.1427) compared to differences
in community relative abundance (ANOSIM R statistic = 0.025, p value = 0.23), albeit neither

comparison was significant (Figure 5).

Within Site Bacterial Taxon Growth Response to Warming

More of the variance in growth rate was explained by ASVs than by either warming or site
(Table 2), indicating that taxonomic variation in growth rates was larger than the changes in
growth caused by warming or site. Warming increased the growth of nearly all phyla (Figure 6)
and phylum contributions to total community growth did not significantly change with warming

(Figure 2).

Across site bacterial growth response to warming

Site, temperature, and their interaction were significant predictors of growth rate (Supplemental
Table 5) indicating that growth rate is dependent on both site and warming treatment, with a
minimal interactive effect. Mean bacterial community growth rate was higher for the late
successional site compared with the early site in both the control and warmed treatments, even
with the warming treatment eliciting a lower magnitude of temperature increase at the late

successional site (Table 1).
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Only three ASVs were shared between the recently deglaciated, early succession and the late
succession moss dominated site (Supplemental Table 6). This indicates a large change in the
microbial community over time with moss peat bank development on this glacier
chronosequence. However, many phyla were shared between the early and late successional
sites, albeit represented by different ASVs. Phylum growth contributions total community
growth were not significantly different except for Actinobacteriota, Acidobacteriota, and
Bacteriodota phyla (p values <0.01, <0.0001, and <0.0001 respectively). Of the shared phyla that
occurred in both the early and late succession sites, responses to warming varied: Proteobacteria
increased their growth rate by 0.0096 and 0.011 in the early and late, respectively while warming

had no effect on the Myxococcota and Firmicutes phyla (Figure 6).

Discussion

Bacteria responded to warming by increasing their growth rate

We found no change in microbial biomass with warming at either site, however we did find
increased growth with warming at both our early and late successional sites (Figure 3, Table 1,
Supplemental Table 4). This is evidence of increased turnover of the microbial community,
consistent with previous findings that soil warming increased microbial turnover (Hagerty et al.,
2014). This increased turnover can have consequences for soil carbon, including increases in soil
respiration (Hagerty et al., 2014) as well as future successional changes to the microbial

community (Schmidt et al., 2007).

Our field warming study not only warmed the soil environment, but also decreased the number

of days with observed freezing temperatures (Supplemental Figure 4). The effects of freeze thaw
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in the field have included decreases in respiration, increases in nitrification, and increases in soil
carbon and nitrogen pools (Song et al., 2017). The decline in freeze-thaw likely influenced

microbial activity in our study, contributing the warming effect.

At both the early, non-vegetated and late, vegetated sites, taxa found in both treatments
contributed to the largest portion of community growth (Figure 4). In the early succession site
(Figure 4a), 59 taxa were growing in the warmed plots for which growth rates were unresolved
in the controls (labeled as “taxa in warmed, not control” in Figure 4). However, these taxa were
present in the sequencing data from the control plots, but in such low abundance that they were
filtered out prior to gSIP growth rate calculations. These taxa likely increased their abundance
under warming for which we could then resolve their gSIP growth rates. In contrast, there were
10 taxa growing in the control plots that were at such low abundance in the warmed plots we
could not calculate a qSIP growth rate for them. These 10 taxa could be psychrophilic taxa that
preferred lower growth temperatures, at such a low abundance in the warmed to evade detection,
although future studies are needed to calculate growth rates of taxa across a temperature gradient
to identify optimal in situ growth rate temperature. A similar pattern was observed at the late
succession site (Figure 4b), where the majority of community growth was attributed to taxa
highly abundant in both temperature treatments. The largest proportion of total community
growth for all sites and treatments was attributed to taxa that were shared between the warmed
and control treatments in high enough abundance (“qSIP detected in warmed and control”). And
a smaller proportion of the total community growth was attributed to more rare populations in
either temperature treatment (Figure 4). There were more unique taxa in the warmed treatments
compared to the control (“taxa in warmed, not control” versus “taxa in control, not warmed” in

Figure 4), indicating that warming enabled the detection of more growing taxa.
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Growth rate responded more strongly to warming compared to the bacterial community
composition response (Figure 5). While this short-term warming did not elicit a change in
community composition, measured growth rates did indicate a change in the microbial
community (Figure 5). In a laboratory incubation, glacier forefield microbial community
composition shift was observed after 40 days of incubation at 5-15°C (Wang et al., 2020). Three
years of field warming caused changes in community relative abundance and increased bacterial
abundance in high vegetation cover plots (Yergeau et al., 2012), yet four years of warming found
no changes (Newsham et al., 2019). In the Arctic, microbial community and biomass changes
were only detected after fifteen years of warming (Rinnan et al., 2007). Interpretations from
studies where measures of relative abundance and concurrent changes in biomass are
problematic due to inaccuracies in true abundance changes. Moreover, gSIP appears to be a more
sensitive measure of changes in the microbial community than sequence analysis of changes in

ASV relative abundance and biomass in the short term.

Bacterial phyla level responses to warming

Warming had no effect on the growth rate of the Myxococcota phylum and had a negative effect
on Bdellovibrionota in the early successional site (Figure 6). At both the early and late sites,
Bdellovibrionota decreased their contribution to community growth, albeit this decrease was
non-significant (Figure 2). Bdellovibrionota and Myxococcota contain predatory bacteria that are
capable of invading, killing, and assimilating macromolecules from their prey (Murphy et al.,
2021; Rendulic et al., 2004). Decreased growth rates of bacterial predators can impact ecosystem

function since they have been found to have control over element flow in microbial food webs
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(Hungate et al., 2021). While we expected that predators would respond to warmed temperatures
by increasing their growth due to the increased productivity of the majority of the other
community members, lower bacterial predator activity here could mean they are outcompeted by

another bacterial, viral, or eukaryotic predator (Emerson et al., 2018; Zablocki et al., 2014).

In the early succession site, the Actinobacteria phylum increased its growth with warming and
was the second most dominant phylum contributing to community growth (Figure 2 and Figure
6). Actinobacteria have been found to dominate in Antarctic glacier forefield ecosystems where
their presence was correlated with a range of trace elements and salts, indicating a likely broad
metabolism that allows them to colonize and develop soils along glacier forefields (Bajerski &

Wagner, 2013).

Trait based efforts have been used to understand the link between environmental factors and the
presence of dominant soil phyla. It has been hypothesized that some taxonomic groups like
Betaproteobacteria, Alphaproteobacteria and Bacteroidetes dominate in vegetated high nutrient
soils whereas Acidobacteriota dominate in bare soils with low nutrient or carbon availability,
where they have an “oligotrophic” lifestyle (Fierer et al., 2007; Thomson et al., 2010; Ward et
al., 2009). An existing hypothesis states the Alphaproteobacteria-to-Acidobacteria ratio
increases as soil nutrients increase where Acidobacteria are more dominant in bare, low nutrient
soil and changes in this ratio could indicate changes in soil respiration (Thomson et al., 2010;
Yergeau et al., 2012). A three year warming experiment decreased the relative abundance of
Acidobacteriota and increased the relative abundance of Alphaproteobacteria (Yergeau et al.,
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2012). We were able to test if this pattern existed using average growth rates between our sites
and with warming. In general, Acidobacteriota had similar growth and growth response to
warming as other phyla (Supplemental Data Table 1; Figure 6), contrary to the idea they are slow
growers (Davis et al., 2011; Ward et al., 2009). Warming increased growth of Acidobacteriota
and Alphaproteobacteria at both sites (Supplemental Table 7). We observed the highest
Alphaproteobacteria-to-Acidobacteria mean growth ratio at the low carbon containing early
successional site in the control plots (3.43 £ 3.88). Warming reduced the Alphaproteobacteria-
to-Acidobacteria ratio in the early successional site, although non significantly (Supplemental
Table 6) and had no effect at the late succession site. Our observed decrease in the
Alphaproteobacteria-to-Acidobacteria ratio contrasts with Yergeau et al. (2012) where the ratio
increased with warming. Further, Acidobacteriota have been shown to have a lower relative
abundance in high carbon soils and therefore considered oligotrophic (Fierer et al., 2007),
however under our control and warmed plot scenario we show that moss associated
Acidobacteriota had on average higher relative growth rates (0.0118+0.007 and 0.0207+0.009 ,
RGR day* control and warmed respectively) compared with the early, recently deglaciated site,
low carbon (0.0044+0.0047 and 0.0133+0.0058, RGR day* control and warmed, respectively).
The higher growth rates of Acidobacteriota in the late successional site could also be explained

by their preference for growth at a lower pH (Sait et al., 2006).

Bacterial growth rate at the late successional, vegetated site elicited a greater warming

response
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Bacterial 16S rRNA gene copy abundance and total and average community relative growth rate
for the late successional site was higher than early successional site (Figure 3; Supplemental
Table 4 and 5). This is consistent with total community growth from vegetated sites yielding
higher growth (Rinnan et al., 2009) and higher microbial abundance compared to non-vegetated
sites on the Antarctic Peninsula (Yergeau et al., 2007). A meta-analysis across 64 studies found
that microbial abundance increased the most under an experimental warming scenario in cold,
high organic matter, histosol soils (Chen et al., 2015). While we did not detect an increase in
bacterial abundance in our short-term study, increased growth rates may indicate a future

biomass change, showcasing the need for long term warming study in these ecosystems.

Growth rate was dependent on both site and treatment, and to a lesser extent the interaction
between site and treatment (Supplemental Table 5). We detected a greater growth increase in the
late successional site compared with the early successional site (Table 1). This was in
conjunction with a lower magnitude of temperature increase and maximum daily temp, and a
lower maximum temperature difference in the late site compared with the early site
(Supplemental Figure 4). We observed higher variation in warming response to growth in the
late succession moss peat bank site plots (Figure 5) compared to the early site likely due to more
heterogeneity in the moss peat bank including topography and aspect which caused a greater
variation in the temperature manipulation in the plots. The early site had a larger difference in
daily maximum temperature (4°C) compared with the late site (2°C) and daily average
temperature. This indicates that we may expect an even greater temperature response to growth
at the late site if it had exhibited the same magnitude of temperature increase that the early site
was subjected to. The release from temperature limitation influenced the metabolic activity of the

moss associated microbes more so in the late successional site than the community in the bare
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soil likely due to the higher nutrient level in the late succession moss peat bank. Faster growth in
our vegetated late successional site indicated that late successional changes to the ecosystem,
moss development and substrate increases result in higher bacterial abundance and higher growth
rate. Later successional changes with moss development result in increases in bacterial presence
likely due to more nutrient availability with moss development (Bao et al., 2019). The large
increases in growth at both the early and late successional sites and the magnitude in warming
response between the sites is striking due to this short term (28 day) warming. Future climate
warming scenarios will have a dramatic effect on ecosystem function via increased microbial
activity if this pattern continues to occur. The late successional site had a larger community
growth response to warming compared with the early succession site. This likely indicates that
microbes at the early site are limited not only by temperature, but rather by nutrients like carbon,
nitrogen, and or phosphorus (Demoling et al., 2007). These nutrient limitations could be
alleviated in the future as deglaciated ecosystems on the peninsula expand and bird and mammal
colony habitats form in these systems, influencing the nutrient availability (Zwolicki et al.,

2015).

Conclusions

Our study provides the first field in situ growth rates of soil microbes responding to warming
from a glacier forefield chronosequence and productivity gradient on the Antarctic Peninsula.
While we only captured taxa that replicated within 28 days, we likely missed rare taxa with
much longer doubling times (Lloyd, 2020). However, our gSIP approach was able to calculate

growth rates for taxa that account for 91 — 95% of the total community abundance (Supplemental
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Table 4). Under our experimental warming, at least 84-89% of the total bacterial community
members replicated during the 28-day incubation as indicated by the percentage of ASVs whose
growth rate confidence intervals did not overlap zero (Supplemental Table 4), indicating we
captured the growth of a large majority of the community. At the early successional, non-
vegetated site in the control plots, the proportion of the community that was growing doubled (42
and 84%, control and warming, respectively), indicating that warming stimulated the growth of
nearly half of the total bacterial community that otherwise were replicating slowly or not at all.
At the early succession site, doubling the growing community members (Supplemental Table 4)
and more than doubling the total community growth (Figure 3) indicates a substantial change in
bacterial activity with a 2 °C increase. At the late succession vegetated site, a larger majority of
the total community was already growing in the control treatment (63%) and warming stimulated
growth for 25% more of the community (Supplemental Table 4), indicating the community was

likely less nutrient limited than the early succession site in the control.

Our analysis did not include fungi or eukaryotic algae, although they are present in these
environments (van Gestel et al., 2020) and their activity will impact biogeochemical cycling
especially due to their per capita higher carbon assimilation rates. Further, the number of
freezing days in our 28-day study decreased in our warming treatment (Supplemental Figure 4).
Fungi have also been shown to be more affected than bacteria by changes in number of freeze-
thaw cycles (Yergeau & Kowalchuk, 2008). The fungal and algal growth response to
temperature will be critical to understand the microbial response to warming across these two

sites and to determine the effect of microbial communities on carbon and nutrient cycling.

Our study was a short-term 28-day passive warming experiment. Further studies where these

Antarctic environments are subject to longer term duration of warming and quantifying the
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functional changes of the microbial community will allow us to understand how microbes in
these systems will respond as temperatures continue to increase and how these microbes impact
their environments. Our study shows that bacteria in both early and late succession Antarctic
glacier chronosequence sites were able to quickly respond to increases in their individual growth
rates. Taxa varied in their growth response (Table 2), while most increased their growth with
warming (Figure 3). Warming stimulated the growth of taxa that were not growing in the control
plots, doubling the number of actively growing community members. The overall warming
response of growth rate was more pronounced at the late succession vegetated site, indicating
these moss-associated microbes under future ecosystem warming scenarios will be critical
components of the ecosystem to monitor, especially as moss peat banks continue to expand in
Antarctica. These moss-associated bacteria have the capacity to impact carbon cycling where
they can turnover quickly with increasing temperatures, increasing their contribution to

atmospheric carbon.

The warming response of soil microbes across many ecosystems resulted in concurrent increases
in growth and soil respiration (Wang et al., 2021). Quantifying individual microbial taxon
activity will allow us to determine their contributions to both growth and respiration (Stone et al.,
2021) and assess how these microbes will impact the carbon cycle as temperatures continue to
increase especially for terrestrial ecosystems on the Antarctic Peninsula. As ice free regions in
the Antarctic Peninsula continue to expand allowing successional changes of the soil biota,
understanding the growth and activity of the resident microbial community is critical to
determine how these systems will respond to temperature increases and impact nutrient and

ecosystem carbon cycling.
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TABLES

Table 1. Pairwise comparison results of mean bacterial community growth rate difference and
experimental temperature difference during the tracer study between the warmed and control
plots for each site with standard error of the difference and significance p value derived from

analysis of variance.

Successional Comparison  Mean relative growth rate Mean temperature
site (day?!) (RGR) difference + SE  difference (°C) + SE
(p val) (p val)
Early Warmed — 0.00792 = 0.00087 2 £0.47 (0.0029)
Control (<0.0001)
Late Warmed - 0.01044 + 0.00076 1.2 +0.47 (0.1051)
Control (<0.0001)

Table 2. Variance partitioning from linear mixed effects model to determine variance in growth
from treatment, site, and individual ASV in predicting relative growth rate. Interactive effects

explained <1% of variance.

Variance explained Component

24% ASV ldentity

14% Treatment
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7% Site

55% Unexplained
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FIGURES

Figure 1. Image of the field gSIP warming study sites, the (a) early successional, non-vegetated,
recently deglaciated on Anvers Island and the (b) late successional, vegetated, on Litchfield

Island.

Figure 2. The proportion of community growth attributed at the phylum level for the early
successional, non-vegetated site in the control (gray) and warmed (black) plots and the late
successional, vegetated site in the control (light green) and warmed (dark green) plots with
standard error bars. There were no significant differences in phylum contributions to total
community growth between treatments within each site.

Figure 3. Cumulative growth of all taxa at the (a) “early” successional, non-vegetated, recently

deglaciated site and (b) “late” successional, vegetated site at Litchfield Island.

Figure 4. Average growth rate of all taxa in a treatment and shared and unshared taxa between
the control and warmed plots at the (a) early successional site and (b) late successional site.
Standard error bars are shown for each treatment comparison along with the percent of total
growth of which that group contributes. “Unshared” refers to taxa in which a qSIP growth rate
was not calculated in either treatment, but this ASV is still present in the sequencing data for

both treatment.

Figure 5. NMDS ordination of 16S rRNA gene relative abundance for the early (a) and late site

(b), and relative growth rate for early (c) and late site (d).

174



Figure 6. Bacterial phylum level mean relative growth rate (day™) differences with warming for
the early successional, non-vegetated and the late successional, vegetated sites with standard

error bars. Points represent mean differences of warmed minus control treatment growth rates.

Figure 1.
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Supplemental Figure 1. Retreat of the Marr Ice Piedmont Glacier, Anvers Island, West Antarctic

Peninsula. Visual prepared by N. van Gestel.
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Supplemental Figure 2. Map of Palmer Station area showing “carly” and “late” successional
chronosequence sites along the chronosequence of the Marr Ice Piedmont Glacier where our

field qSIP tracer study in warming plots was performed.
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Supplemental Figure 3. Mean annual air temperature at Palmer Station 1975 — 2018 with fit line
and standard error shaded area. Data obtained from annual monthly air temperature data
deposited in the LTER network Environmental Data Initiative (EDI) Portal.

https://portal.edirepository.org/nis/home.jsp

Supplemental Figure 4. Principal Coordinates Analysis (PCoA) of weighted Unifrac distance
between the early (blue) and late (gray) succession sites and between warmed (solid spheres) and

control (open rings) of the bacterial 16S rRNA gene communities.
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Supplemental Figure 5. Mean soil temperature throughout the course of a day

during the 28 day field qSIP tracer study at two sites on the Antarctic Peninsula in the control
and warmed plots. This includes mean, minimum, maximum soil temperature in each site and
treatment with standard deviation as well as number of incubation days where freezing

temperatures occurred.
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Supplemental Figure 6. Mean annual total melted precipitation at Palmer Station 1989 — 2018
with fit line and standard error shaded area. Data obtained from monthly precipitation data
deposited in the LTER network Environmental Data Initiative (EDI) Portal.

https://portal.edirepository.org/nis/home.jsp
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Supplemental Table 1. Characteristics of the soil environment at the early, non-vegetated and

late, vegetated sites.

Site Gravimetric SoilpH  Total Total Dominant plant
moisture content (%) carbon nitrogen .
. species
prior to water (%) (%)
addition
Early 146 + 3.3 501+ 079+ 0.07 NA
(non- 0.06 0.07 0.01
vegetated)
Late 323.3+15.9 4-5 4381 0.69% Chorosidontium
+0.61 A .
(vegetated) 0.6 0.10 aciphyllum
Polytrichum
Strictum

Supplemental Table 3. Betadiversity metric p values obtained from permanova analysis to
compare bacterial community composition between the control and warmed plots at each site.

(NS) means nonsignificant p value.

Comparison Unweighted Weighted  Bray-Curtis Jaccard
unifrac unifrac dissimilarity

“Early” site Control ~ 0.712 (NS)  .355(NS)  0.824 (NS) 0.695 (NS)

vs Warmed

“Late” site Control ~ 0.249 (NS)  0.304 (NS)  0.289 (NS) 0.417 (NS)

vs Warmed

Supplemental Table 4. Richness of taxa present in 16S rRNA gene sequence data, taxa that
passed filtering thresholds to calculate a gSIP growth rate for, significantly growing taxa (i.e.

95% C.I. of excess atom fraction value do not cross zero), and bacterial 16S rRNA gene copies
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per dry gram soil for both sites and treatments. The number in parenthesis represents the percent

relative abundance in that treatment. NS = Not significant p value from student’s t test.

Successional Total ASVswherewe  ASVs Bacterial 16S rRNA

site and ASVs calculated a gSIP significantly gene copies (g dry

treatment across growth rate (%  growing (% soilt) (NS between

fractions community community treatments within

relative relative each site, p <0.001
abundance) abundance) between sites)

Early 1318 131 (91.1+ 4) 57 (42.4+75) 2.52x10° + 8.14x108

Control

Early 1873 180 (94.9 £ 3) 140 (84 £ 5.9) 2.67x10° + 4.14x108

Warmed

Late Control 2699

187 (94.3 £ 5)

89 (63.3 £ 5.8)

1.18x101° + 5x10°

Late 2676
Warmed

210 (95.3 £ 5.2)

153 (88.8  8.8)

1.2x10%° + 4.45x10°

Supplemental Table 5. Analysis of variance table of a linear model with taxon relative growth

rate as the response and site, temperature treatment, and the interaction or site and temperature

treatment as the predictor variables.

Site

Temperature
treatment

Site:Temperature
Treatment

Residuals

Df

2593

Sum Sq

0.03107

0.05578

0.00100

0.53975

Mean Sq

0.031072

0.055779

0.000997

0.000208

185

F value

149.2735

267.9655

4.7892

P val

< 2e-16 ***

< 2e-16 ***

0.02873 *



Supplemental Table 6. Alphaproteobacteria-to-Acidobacteria ratio of mean growth rate for the

control and warmed plots in the early and late successional sites. P value of statistical

significance determined from analysis of variance.

Site Alphaproteobacteria- | Alphaproteobacteria- | P value comparing
to-Acidobacteria to-Acidobacteria means between
Ratio of RGR day in | Ratio of RGR day* in | control and warming
control plots + SD warmed plots + SD

Early 3.43+3.88 1.83+0.41 0.5961

Late 1.61+0.40 1.67+£0.78 1.00

Supplemental Table 7. Mean differences in RGR day for Acidobacteriota and

Alphaproteobacteria response to warming for each site determined via analysis of variance and

pairwise comparisons.

phylum = Acidobacteriota

contrast Mean RGR day* SE df t.ratio p.value
difference estimate

early, warmed - 7.47E-03 0.00422 | 2532 1.771 0.2878

control

late, warmed - 1.02E-02 0.00149 | 2532 6.821 <.0001

control

class = Alphaproteobacteria

contrast Mean RGR day* SE df t.ratio p.value
difference estimate

early warmed - 1.13E-02 0.00185 | 2488 6.103 <.0001

control

late, warmed - 1.29E-02 0.00146 | 2488 8.798 <.0001

control

Supplemental Data Table 1. First 5 rows of data table 1 showing pairwise contrasts between

mean relative growth rates of the phylum Acidobacteriota and other phyla for each the early and

late successional sites and temperature treatments.

phyla contrast

site | temperature

treatment

RGRday - | SE df
Y mean
difference

estimate

t.ratio p.value
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Actinobacteriota - | early | control 0.00223 0.0035 | 2532 | 0.62633 |1
Acidobacteriota 6

Armatimonadota | early | control 0.01084 0.0060 | 2532 | 1.78583 | 0.958
- Acidobacteriota 7 8

Bacteroidota - early | control 0.00138 0.0036 | 2532 |0.38179 |1
Acidobacteriota 3

Bdellovibrionota | early | control 0.01250 0.0064 | 2532 |1.94363 | 0.910
- Acidobacteriota 3

Caldisericota - early | control -0.00170 | 0.0052 |2532 |-0.3270 |1
Acidobacteriota 0
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CHAPTER 6: FUNCTIONAL TRAITS AND TO A LESSER EXTENT, PHYLOGENY
INFORM GROWTH RATES OF BACTERIA AND THEIR GROWTH RATE RESPONSE TO
WARMING AT TWO PRIMARY SUCCESSION SITES ON THE WESTERN ANTARCTIC

PENINSULA
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Abstract

The Antarctic peninsula is warming and glaciers are retreating which expose new terrestrial
ecosystems to the atmosphere. Antarctic soil microbial communities respond to increases in
temperatures, yet quantitative predictions of how individual microbial taxa, taxonomic groups, and
functional groups will respond to climate warming remain undetermined. It is critical to understand
the functions of individual microbes responding to environmental change since their activity
directly impacts the ecosystem. Determining whether functional or phylogenetic groups can
predict microbial growth response to warming can help simplify our understand of how microbes
respond to warming and be utilized in model predictions of how ecosystems respond to warming.
Our aim was to determine if growth rates of individual microbial taxa and how they respond to

warming can be predicted by phylogeny and metabolic function capabilities of soil microbial taxa
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in Antarctica. We utilized PICRUSt2 to predict the genomes of the microbes where we previously
calculated taxon relative growth rates at two sites on the Antarctic Peninsula, one recently
deglaciated non vegetated and one moss vegetated site along a primary productivity gradient of
the Marr Ice Piedmont glacier, West Antarctic Peninsula. Growth rates of individual microbial
taxa were found to have low phylogenetic conservation, however predicted functional gene
presence indicated differences among taxa responding to warming. Microbial taxa with the fastest
or slowest growth rates at the early succession, non-vegetated site differed in their gene abundance
for pathways within central carbon metabolism and amino acid and fatty acid metabolism. Moss
associated microorganisms that responded their growth rate most positively under warming had
significantly more genes related to nucleotide metabolism and amino acid synthesis and
degradation. These positive responders to warming have the genetic capability to increase their
growth possibly by synthesizing, recycling, or degrading macromolecules. Warming also
increased the growth rates of moss associated nitrogen cycling microbes. These results indicate
that in these two Antarctic ecosystems, genomic functional potential can sometimes predict growth
rate and growth response to warming and phylogeny may only be important when nutrient
limitation is relieved. Bacteria responding to warming in these two Antarctic environments have

the capacity to influence ecosystem carbon and nitrogen cycling.

Introduction

The ice-free regions in Antarctica make up 0.35% of Antarctica’s land mass (Bockheim et al.,
2015). This number is increasing as the climate warms, especially along the Antarctic Peninsula
where temperatures are increasing faster than the global average and glaciers are continuing to

retreat (Lee et al., 2017; Siegert et al., 2019; Turner et al., 2005). Microbes are the dominant
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biota in Antarctic ecosystems where they are involved in most biogeochemical transformations
that control processes including carbon accumulation, decomposition, and nitrogen
transformations (Bradley et al., 2014; Cowan et al., 2014). Their individual functional changes
with climate warming are critical to understand ecosystem function as temperatures continue to
rise. Antarctic microbial community composition and activity are influenced by low annual
temperatures and nutrient limitation which characterize the extreme environments of ice-free
regions of Antarctica (Cowan et al., 2014). Microbial communities beneath glaciers harbor a
unique chemoautotrophic community that undergo a dramatic shift upon glacier retreat, where
exogeneous nutrients and sunlight are now available to the microbial community. It is critical to
understand the functional traits of microbial communities that are growing and responding to

temperature increases in both recently deglaciated and late succession ecosystems.

Microbial communities in recently deglaciated Antarctic ecosystems are the pioneers of soil
development, where autotrophic activity is critical for providing the heterotrophic community
with carbon and nitrogen (Makhalanyane et al., 2015). Nitrogen cycling microbes are important
in these ecosystems where nitrogen is often limiting (Ortiz et al., 2020). In the nitrogen limited
Arctic, moss associated microbial nitrogen fixers contribute a substantial amount of plant
available nitrogen (Rousk, Sorensen, et al., 2017). Cyanobacterial nitrogen fixation associated
with Antarctic mosses has been shown to be an important source of nitrogen (Ortiz et al., 2020)
and rates of community nitrogen fixation and nitrification have been measured in Antarctica
along with the presence of nitrogen cycling genes (Strauss et al., 2012; Yergeau et al., 2007).

However, these communities lack characterization and field growth rates of individual microbial
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taxa. To understand the contribution of individual microbes to ecosystem function and how that

might change with warming, we must quantify activity of individual microbial taxa in the field.

In recently deglaciated ecosystems in the absence of plants, microbial activity is responsible for
all biogeochemical transformations and is subject to change in response to warming. How
functional groups of microbes respond their growth to warming remains unknown, however
nitrogen fixation gene have been shown to increase in their relative abundance while nitrification
and denitrification genes did not change in relative abundance with warming (Yergeau et al.,
2012). This metric of change can be problematic for interpretation due to concurrent changes in

absolute bacterial abundance in the warmed plots (Yergeau et al., 2012).

We previously found that warming increased growth rate overall for the microbial community in
two Antarctic Peninsula ecosystems (Chapter 4). The growth rate with warming increased more
at the late successional site compared to the early site suggesting microbes at the early
successional site are limited in growth via temperature and other environmental factors like
nutrient availability more so than the late successional site (Chapter 4). Individual taxa varied in
their growth response to warming and the phyla that responded most positively to warming were

the Proteobacteria, Patescibacteria, Bacteriodota, and Planctomycetota (Chapter 4).

Phylogenetic, trait-based approaches and functional gene abundance can help predict microbial

responses to environmental perturbations (Amend et al., 2016; Castro et al., 2019; Martiny et al.,
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2013; Zhou et al., 2012). Ecosystem function across a climate gradient is influenced by
evolutionary history of microbes, where phylogeny explained the most variance in microbial
growth and carbon assimilation (Morrissey et al., 2019). Functional traits have been used to
classify microorganisms with the aim of understanding the rate at which microbial groups
incorporate substrates or how they respond to environmental perturbations like warming or
nutrient additions (Levy-Booth et al., 2014; Morrissey et al., 2019; Wieder et al., 2015).
Functional potential of microbes improves model predictions of ecosystem functions (Guo et al.,
2020; Powell et al., 2015). Some functional traits of microbe sare phylogenetically conserved
including cellulose degradation and organic phosphorus acquisition (Martiny et al. 2015). In
culture, growth rates have been shown to differ by phylogenetic class (Kurm et al., 2017). In situ,
phylogenetic signals of microbial growth have been identified along an elevation gradient in
Northern Arizona where both glucose utilization and growth rates were phylogenetically
conserved (Morissey et al. 2016). Whether taxon growth response to warming is
phylogenetically conserved has not yet been assessed, although absences of phylogenetic signals
of macro-organism vulnerability to climate change have been observed (CaraDonna & Inouye,
2015; Thuiller et al., 2011). For microbes, temperature preference has species level conservation
(Martiny et al., 2015). If phylogenetic organization of a response to growth occurs, that would

help simplify the microbial community to predict future responses to climate change.

Here we utilized the Phylogenetic Investigation of Communities by Reconstruction of
Unobserved States version 2 (hereafter referred to as PICRUSt2) analysis to predict
metagenomic function of microbial taxa inferred through close relatives of 16S rRNA gene
amplicons (Douglas et al., 2020). Previously calculated microbial taxon growth rates, PICRUSt2,

phylogenetic signal, and phylogenetic rank variance component analyses were used to determine
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if phylogeny and genomic functional potential can predict microbial taxon growth rate or their
growth response to warming in two sites along a productivity gradient of the Marr Ice Piedmont
Glacier. We hypothesized that predicted microbial functional groups involved in nitrogen cycling
would increase their growth with warming and that predicted genomic metabolic capability

would differ between microbes that have a high and low growth response to temperature.

Methods

Site characteristics

We utilized previously obtained 16S rRNA gene amplicon sequences and 20 gSIP calculated
taxon-specific bacterial growth rates from an open top chamber warming experiment at two sites
on the Antarctic Peninsula performed in January 2019 for 28 days duration (Chapter 5). These
two sites were along a chronosequence and primary productivity gradient of the Marr Ice
Piedmont Glacier, near Palmer Station, West Antarctic Peninsula. The first site was a recently
(~two years) deglaciated bare fell field soil, here referred to as “early succession” and the other
was a moss dominated ecosystem on nearby (~ two kilometers away) Litchfield Island, here
referred to as “late succession”. This moss ecosystem was dominated by Chorisodontium

aciphyllum and Polytrichum strictum.
Experimental Design

In December 2018, we set up open top chambers at five plots in one meter diameter along with
five one meter diameter control plots at the early and late successional sites. The open top
chambers warmed both the air and soil, with soil warming of 2.0 °C in the early and 1.2 °C in the

late successional sites. In January 2019 we set up field quantitative stable isotope probing
193



experiment previously described (Chapter 5). Briefly, we used a stainless-steel cylinder to core
into two random plots in each of the 10 plots at each site. The microcosm cores received 5mls of
either natural abundance water or 98 at% enriched 0 water. The cores were left intact by
covering the bottom and top with a layer of parafilm and surgical tape secured around the core
with masking tape. The cores were placed back into their respective holes in the plots and left for
28 days. After 28 days, the cores were removed, flash frozen in liquid nitrogen, and stored at -

70°C and shipped back to Northern Arizona University.
Growth rates of individual microbial taxa

gSIP derived growth rates were previously calculated (Chapter 4). Briefly, DNA was extracted
from each sample and density ultracentrifuged using a cesium chloride gradient. Each sample
was fractionated into ~22 density samples and the DNA in each was purified. Each sample was
quantified with picogreen and a microplate reader. g°PCR was performed using bacterial 16S
rRNA gene primers (EUB338/518) (protocol as described in Purcell et al. 2020 and Chapter 5).
Samples in the density range of 1.65 — 1.74 g/ml were sequenced with the earth microbiome

primer set (515FB/806RB; (Apprill et al., 2015; Caporaso et al., 2011; Parada et al., 2016)).
Data Analysis

16S rRNA gene amplicon sequencing data has been deposited into NCBI NRA database under
the accessions XYZ. QIIME2 was used to demultiplex, denoise with DADAZ2 (Callahan et al.,
2016), and obtain amplicon sequence variants (ASVs) for each sample that were classified using
SILVA 138 database. Previously described gSIP code was used to calculate ASV specific 180
excess atom fraction (eaf) using 1000 bootstrapped replicates. Relative growth rate was
calculated using the following equation: RGR per day = 80 eaf/[0.6*soil water 180
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enrichment*28]. ASV eaf and subsequently RGR was also calculated at the tube level for

replication for our linear model analysis. In this case, the average weighted average density of a
taxon in the natural abundance samples was subtracted from the weighted average density from
the taxon in the 80 enriched tube to obtain a replicate level density shift and ultimately relative

growth rate.

The predicted functional potential of the bacterial community members in the early and late
successional sites in the control and warmed plots was determined using PICRUSt2 analysis
(Douglas et al., 2020). An NSTI cutoff of 2 was used. We utilized the Kyoto Encyclopedia of
Genes and Genomes (KEGG) orthologs enzyme numbers (E.C.) to calculate relative abundance
of enzymes associated with the KEGG pathways for each site and treatment. We also calculated
pathway relative abundances of the taxa in the following groups: The top and bottom 30 of taxa
ranked from fastest to slowest growth in each site and treatment and the top and bottom 30 of
taxa ranked for their growth response to warming for each site. For the later, the top 30 taxa that
increased their growth the most under warming are referred to as “positive” temperature
responders and the bottom 30 that responded negatively or did not response warming are referred
to as “negative/non” temperature responders. We used analysis of variance and pairwise
contrasts to calculate the differences in relative abundance between the top and bottom 30 taxa in

each group for each site, with p values obtained from Tukey’s method for multiple comparisons.

We also used the PICRUSt2 predicted metagenome data to assign ASVs in which we calculated
a relative growth rate to seven functional groups. Autotrophs were identified by the predicted
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presence of cbbL subunit of ribulose-1,5-bisphosphatase carboxylase oxygenase (RuBisCO), the
most abundant enzyme involved in autotrophic carbon fixation (EC:4.1.1.39). Heterotrophs were
designated as such if they did not contain cbbL. While we acknowledge the existence of other
carbon fixation pathways, we were not able to assign any taxa to other carbon fixation pathways
due to limitations in PICRISt2. We also cross-checked the assignments of autotrophy and
heterotrophy with a literature search of close relatives at the genus level where possible. ASVs
were assigned within the functional groups nitrogen fixation, dissimilatory nitrate reduction,
denitrification, complete nitrification, and assimilatory nitrate reduction based on their predicted
PICRUSt2 metagenomes containing the respective KEGG modules
(M00175,M00531,M00530,M00529,M00528,M00804,M00615). Functional groups had to have
at least three ASV representatives. Utilizing replicate level relative growth rates, the mean
difference between warmed and control for each functional group in each site was determined
using an analysis of variance model, with post-hoc pairwise contrasts and Tukey adjustment for
multiple comparisons. We calculated significant differences between the warmed and control
mean relative growth rates for each functional group at each site and if sites differed in the
response to warming for each group. To determine if functional groups responded to warming
more for either site, we performed a post-hoc interactions contrast of the pairwise contrasts using

the emmeans package in R.

For phylogenetic signal analysis we calculated Blomberg’s K (Blomberg et al., 2003) and
Pagel’s lambda (Pagel, 1999). This analysis was performed for each site and control and warmed
treatment to determine if taxon relative growth rate was phylogenetically conserved. We also

performed this analysis on the growth response to warming by utilizing the bootstrapped
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difference in relative growth rate of the ASVs in the warmed treatment minus their relative
growth rate in the control. The package picante (Kembel & Kembel, 2020) with the function
phylosig and the package phytools in R. The phylogenetic trees utilized for this analysis (e.g.
shown in Figure 2) were constructed using SILVA’s Alignment, Classification, and Tree service
(ACT) online tool with the FastTree algorithm (Pruesse et al., 2012). The trees were visualized
using the interactive tree of life (itol.embl.de) where they were annotated, and relative growth

rates were added.

To determine the variance in taxon growth rate explained by each phylogenetic rank, we
performed an analysis of variance from the phylum to the ASV level. Phylogenetic groups from
phylum to family were excluded if they had less than three representatives to prevent
misattributing variance due to small sample size. All analyses were performed in R (Team, 2018)

similar to the analyses performed previously (Morrissey et al., 2016).

Results

Taxa growth response to warming

Warming at both the early and late successional sites caused most families to increase their
growth rate (Figure 1). The families in the early successional site that increased their growth rate
the most with warming were Leeiaceae, Moraxellaceae, and SM2D12. The families in the late
successional site that increased their growth rate the most with warming were

Xanthobacteraceae, unassigned Armatimonadales, and Inquilinaceae (Figure 1). Warming had a
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significantly negative effect on the growth rate of the Solibacteraceae family at the late

successional site (Figure 1).

Phylogeny is a weak predictor of growth rate

Pagel’s lambda and Blomberg’s K metrics have been used to determine the phylogenetic signal
of traits, i.e. whether closely related species are similar to each other as opposed to resembling
random species across the phylogenetic tree (Blomberg et al., 2003). We found very low values
of Blomberg’s K and observed Pagel’s lambda that did not approach 1, with either significantly
low values or non-significant higher values (Supplemental Table 1). This indicates a low or lack
of phylogenetic signal of bacterial growth rates for both sites, temperature treatments, and the
growth response to warming. Growth rate among closely related taxa was no different than
randomly distributed measures of growth rate across the phylogenetic tree, however with one
exception. For the warming treatment at the early successional site, we observed a Pagel’s
lambda of 0.66 and p value <0.001 (Supplemental Table 1). While we observed low
phylogenetic signals, we also observed that some of the variance in growth rate was explained by
taxonomy. Overall, taxonomy explained 20% of variance, site which was nested within
taxonomy explained no additional variance, and temperature treatment explained an additional
12% of variance in growth. The warming treatment of the early successional site had the highest
amount of variance explained by taxonomy where 20% of the variance was explained by higher
phylogenetic ranks (e.g. phylum, order) and 15-38% more was attributed at the species and ASV

level (Supplemental Figure 1).

Predicted functional pathways differ between sites and temperature growth responders
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The predicted functional potential of the bacterial communities in the early and late successional
sites in the control and warmed plots was determined using PICRUSt2 analysis (Douglas et al.,
2020). We found that the relative abundance of pathways differed between the early and late
successional sites (Figure 3). We also determined whether individual pathway abundances
differed between fast and slow taxa within each site or between positive and negative/non
temperature responders within each site. Fast growers in both treatments in the early successional
site had more genes involved in amino acid degradation (e.g. valine, isoleucine, leucine, and
lysine; p values <0.05 - <0.01) and fatty acid degradation (p value < 0.05 - <0.01) (Figure 4).
Both the control and warmed treatments at the late successional site did not show any specific
pathway relative abundance differences between fast and slow growers. However, there were
many pathways in the late successional site that were significantly different between the
“positive” and “negative/non” temperature responders (top 30 that increased their growth the
most under warming versus bottom 30 that responded negatively to warming). Genes involved in
the pathways nucleotide metabolism, amino acid biosynthesis and degradation, and central
carbon metabolism (e.g. 2-Oxocarboxylic acid metabolism) were significantly more abundant (p
values = <0.05 - <0.001 in the predicted genomes of the taxa that increased their growth the most

with warming (Figure 5).

Microbial metabolic groups respond to warming

The PICRUSt2 predicted metagenomes were used to assign the taxa in each site and temperature
treatment as belonging to 7 functional groups (Figure 6). For the early site, heterotrophs were the
only functional group that significantly increased their growth with warming. At the late

successional site, heterotrophs, autotrophs, nitrogen fixers, dissimilatory nitrate reducers, and
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assimilatory nitrate reducers all significantly increased their relative growth rate with warming
(Figure 6). We also performed a post-hoc interactions contrast of pairwise contrasts and
determined the warming response for each functional group did not significantly differ between
sites (e.g. nitrogen fixing bacteria did not increase their growth rate more with warming at the

late successional site compared to the early successional site).

Total carbon, nitrogen, pH, 8:3C and 8*°N moss and soil

Soils at the early successional, bare fell-field soil site were low in both carbon (0.79 % + 0.07)
and nitrogen (0.07 % + 0.006) and the moss at the late successional site was low in total nitrogen
(0.69 £ 0.10) with a C/N ratio of 64.33 + 8.44 (Supplemental Table 2). All soil properties are

reported in Supplemental Table 2.

Discussion

Warming response of taxonomic families

Warming affected the growth rate of nearly all taxonomic families (Figure 1). The family
Xanthomonadaceae had one of the largest positive growth responses to warming in the early
successional site. The abundance of this family has been positively correlated with soil organic
carbon (Li et al., 2017). Xanthomonadaceae members could have increased their growth
opportunistically if warming caused an increase in labile carbon which was likely due to the
increased growth of autotrophic taxa (Figure 1). In the early successional site, this included
Leeiaceae which is a deeply branching family in the Gammaproteobacteria class, currently only
represented by the genus Leeia. The Leeia genus contains species previously isolated from rice
paddy soil capable of motility, nitrate reduction, and growth above 10°C with optimal growth

temperature of 32-35°C and pH of 6 (Lim et al., 2007). Neither isolates from Antarctica nor in
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situ growth rates have been described for this genus, however they were present in arctic glacier
basal ice (Toubes-Rodrigo et al., 2021), indicating their potential endemism to glacial
ecosystems. Members of the Moraxellaceae family were also among the fastest growth rate
responders to warming and contain taxa known to be psychrotrophs, important phosphorous
solubilizing bacteria in soil, and opportunistic growers in nutrient amendments (Gorecki et al.,

2021; Juni & Bavre, 2015; Mander et al., 2012).

Xanthobacteraceae was among the families that increased their growth the most with warming
in the late successional site (Figure 1b). This family significantly decreased their growth rate
with warming in another field gSIP tracer study, likely attributed to a decline in soil carbon
(Purcell et al., 2021). Xanthobacteraceae are mixotrophic ubiquitous soil and plant associated
bacteria (Kappler & Nouwens, 2013), and includes members that accounted for the majority of
carbon flux from soil amended with carbon and nitrogen (Stone et al., 2021). Xanthobacteraceae
could play a large role in carbon cycling in these Antarctic moss environments, increasing their
growth and respiration significantly as temperatures continue to rise. Warming increased growth
rate of many taxa in the late successional site that have been previously identified to be moss
associated bacteria in a sub Antarctic island (Graham et al., 2017). This includes members of the
Verrucomicrobiota families Opitutaceae, Chthoniobacteraceae, and Methylacidiphilaceae.
These families contain genera known to be moss-associated polysaccharide degraders, nitrogen
fixers, and methane oxidizers that promote moss growth and store glycogen (Graham et al.,
2017; Khadem et al., 2012; Kruse et al., 2019). These bacteria increasing their growth rate in

response to warming are those playing a large role in carbon sequestration and release.
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Low phylogenetic signal for microbial growth and growth response to warming

Many microbial traits are conserved at various phylogenetic levels (Martiny et al., 2015).
Optimal growth temperature has been shown to be a phylogenetically conserved trait in Bacteria
and Archaea, thought to be due to the underlying genomic complexity that tends to be
evolutionarily conserved (Goberna & Verdu, 2016). However, pure culture growth rate within
Proteobacteria taxa and generation time within Bacteria showed no phylogenetic signal (Goberna
& Verdu, 2016). Leveraging the quantitative measures of individual microbial activity through
quantitative stable isotope probing, both carbon utilization and growth rate were phylogenetically
conserved (Morrissey et al., 2016). Closely related taxa across four climatic zones incorporated
glucose and grew at similar rates, although the signal for growth rate was weaker than glucose
incorporation (Morrissey et al., 2016). We found weak evidence for a phylogenetic signal of
growth rate across our two sites in both temperature treatments and in response to warming
(Supplemental Table 1). We also observed that 20% of the variance in growth rates was
attributed to taxonomy, similar to that observed for soils in northern Arizona in the absence of
substrate additions (Morrissey et al., 2019). Phylogeny was previously shown to be a weak
predictor of growth rate and extreme environments including those nutrient limited have been
predicted to select for slower growth rates (Vieira-Silva & Rocha, 2010). Thermophiles are
phylogenetically divergent, one group in bacteria and one in the archaeal domains (Stetter,
1999). Similarly, psychrophilic bacteria span across multiple phyla (Sheridan et al., 2003). This
suggests that growth temperature does not necessarily have evolutionary conservation and our
weak phylogenetic signal could be due to recently acquired traits over a short evolutionary time

scale.
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Both biotic and abiotic factors influence the growth rate of microbial taxa (Louca et al., 2018).
Our results indicate that the controls on microbial growth and its response are due to
environmental factors, community interactions, functional capability, and to a lesser extent,
phylogenetic placement. Phylogeny may matter less in Antarctic ecosystems where nutrient
limitation and temperature harbor a greater control on the microbial community and their growth
rates. However, temperature increases may stimulate nutrient cycling and alleviate these
environmental stresses. We found the strongest phylogenetic signal (Pagel’s A = 0.66, p < 0.001;
Supplemental Table 1) in the early successional site under warming along with the highest
proportion of variance in growth rate associated with taxonomy (Supplemental Figure 1). Our
warming scenario could have provided an increase in nutrient availability and uptake especially
since growth rate of autotrophic taxa increased (Chapter 4 and Figure 1). Temperate soils in
northern Arizona showed the highest proportion of variance in growth rate attributed to
taxonomy under carbon and nitrogen addition (Morrissey et al., 2019). This provides evidence
that microbes in our early successional site under warming likely contain evolutionarily

conserved genomic traits (Morrissey et al., 2019).

Predicted metagenomic functions associated with growth rate and warming response

We identified significant patterns in the predicted functional profiles between sites and groups of
taxa that responded to warming. The predicted metagenomes differed between sites and did not
differ between the temperature treatments (Figure 3) which is what we expected based on the
patterns of bacterial community composition (Chapter 4). We identified genomic functional traits
associated with fast and slow growth in the early successional site where fast growers had

significantly more genes involved in fatty acid and amino acid degradation (Figure 4). Growth of

203



bacteria solely on amino acids as a carbon and nitrogen source is common (Ferro et al., 2018)
and this could confer an advantage to fast growing taxa. Bacteria in these Antarctic ecosystems
capable of faster growth may have a genomic advantage to utilize macromolecules for their
growth which is more energetically advantageous than de novo synthesis (Atasoglu et al., 1998;

Fujita et al., 2007).

Bacteria that increased their growth rate the most with warming varied in their genomic
functional traits compared to bacteria that did not respond to warming (Figure 5). Most of the
KEGG pathways that had a significant increase in the “high growth responders” occurred in the
late successional moss ecosystem compared to the early successional site (Figure 5). Bacteria
associated with moss that increased their growth rate the most with warming contained more
genes involved in amino acid, nucleotide, and central carbon metabolism (Figure 5). This could
mean bacteria that are “fast responders to warming” have the genomic capability to synthesize
and recycle nitrogen demanding macromolecules and the ability to acquire nitrogen. We also
observed a significant increase in bacteria capable of nitrogen cycling metabolism under
warming (Figure 6). These moss ecosystems are nitrogen limited (Supplemental Table 2), that
likely rely on symbiotic nitrogen fixation. Arctic mosses had higher nitrogen fixation activity as
incubation temperature increased, indicating they were able to acclimate quickly to higher
temperatures (Rousk, Pedersen, et al., 2017). The great than zero §'°N values at the late
successional site indicated a nitrogen source likely mixed between nitrogen fixation,
precipitation, and windblown nitrogen inputs from nearby penguin and seal colonies (Bokhorst et
al., 2007; Horrocks et al., 2020). Under warming, we detected a growth increase of putative

nitrogen fixing bacteria. The nitrogen cycling bacterial community associated with the moss may
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become a more dominant source of nitrogen for the moss if the aerosol and precipitation derived
nitrogen source do not change. Alternatively, under warming these nitrogen associated bacteria
may also be further limited by other essential elements including phosphorus and molybdenum
which inhibit nitrogen fixation activity (Rousk, Degboe, et al., 2017). In the Arctic, warming
either had no effect of a negative effect on nitrogen fixation rates in two moss species (Sorensen
et al., 2012). However, nitrogen fixation rates are strongly moss host specific (Stuart et al.,

2021).

This analysis was performed with data derived from PICRUSt2 and KEGG orthology
assignments, predicting the functional capacity and associated marker genes for all ASVs in our
study. We utilized an NSTI cutoff of 2 which has been shown to be a valid, yet less conservative
cutoff (Douglas et al., 2020) , although we do lose precision in our predicted metagenome
assignments. PICRUSt2 has underestimated gene abundances of pathways and there were
significant differences between predicted pathway abundances comparing PICRUSt2 with
tax4fun (Toole et al. 2021). This analysis assumes a tight association between phylogeny and
present of functional traits, which might not always be true. Our two Antarctic ecosystems likely
contain novel taxa that lack close representative genomes and therefore take caution in
interpretations from these data. Nevertheless, we were able to find significant patterns in the
predicted functional profile of taxa responding to warming which align with our hypotheses

regarding the warming effect on carbon and nitrogen cycling taxa in these Antarctic ecosystems.
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Conclusions

Our study showed that microbial groups differing in growth rate and growth response to
warming significantly differed in gene abundance of predicted genomic pathways. This indicated
that functional traits could be used to predict in situ field growth rates and the warming response
to growth. In particular, these results indicated that an increase in genes involved with central
carbon, amino acid and nucleotide metabolism conferred fast growth or fast growth response to
warming. We also showed that phylogeny is a weak indicator of microbial taxon growth rate and
the growth response to warming in two sites along the Antarctic Peninsula, except for warming
at the early successional site where evolutionary history may be important for new substrate

acquisition.

Our study provides the first analysis of the functional characterization of individual growing taxa
to short-term warming on the Antarctic Peninsula. McMurdo Dry Valley soils have shown no
change in microbial diversity, functional capability, or enzyme activity with short term increases
in temperature where the authors concluded these microbial communities are resistant to short
term changes (De Scally et al., 2016). We found that growth rate responses to warming are not
resistant to short term warming (Chapter 4) and there are functional differences between the taxa
that are responding to warming most positively compared with those who are not. This indicated
that continued warming may shape the community function and activity. These taxa responding
to warming may exert the greatest amount of change on the community as prolonged warm
temperatures effect the ecosystem over time. Our observations are likely to deviate from the long

term expectation as the effect of warming on soil properties, biota, and function are likely to
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change over time (Romero-Olivares et al., 2017). However, for the short-term warming effect,
we found that Antarctic moss associated bacteria that increase their growth rate are important for
nitrogen metabolism, carbon sequestration and release, and include ubiquitous lineages of

microbes found along glacier forefields and associated with mosses.

Calculating growth rates of individual microbes in the field and linking their metabolic traits is
critical to understand how microbes are responding to climate warming and how they impact
ecosystem function. Future studies should continue to do so, utilizing other -omics techniques
like metagenomics and metatranscriptomics to understand functional capability and activity of
microbial communities responding to both short-term and long-term warming in these climate

sensitive environments.
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FIGURES

Figure 1. (a) Early successional, non-vegetated, recently deglaciated site and (b) Late
successional, moss vegetated Litchfield Island site relative growth rate difference between shared

bacterial families (warmed — control) with 95% confidence intervals of the difference.

Figure 2. (a) Early successional, non-vegetated, recently deglaciated and (b) Late successional,
moss vegetated sites phylogenetic tree representing the 16S rRNA gene ASVs in which we
calculated a gSIP relative growth rate. The phylogenetic tree was created using the FastTree
program in Silva’s ACT service. The bar spikes around the tree are proportional to each ASV’s
relative growth rate (day) where the blue bars represent the RGR in the control and the red bars

represent the RGR in the warmed plots.

Figure 3. Principal coordinates analysis of PICRUSt2 predicted metagenomes for the early
successional, non-vegetated site (gray) and the late successional moss vegetated site (green) in

the control and warmed plots.

Figure 4. PICRUSt2 predicted pathways where the relative abundance differences between fast
and slow growers were significant for either the control or warmed treatment for the early
successional, non-vegetated site. “Fast” or “slow” growers were either the thirty fastest or
slowest growers in each control or warmed treatment. Pathway relative abundance differences
less than zero indicate slower growers had a higher abundance of genes involved in the

respective KEGG pathway, conversely for fast growers. Asterisks represent p value statistical
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significance of the pathway relative abundance difference between fast and slow growers within
each treatment derived from a two-way ANOVA and post-hoc pairwise comparisons with Tukey

adjustment for multiple comparisons. P value < 0.05 = *, <0.01 **, <0.001 ***,

Figure 5. PICRUSt2 predicted pathways where the relative abundance differences between
bacteria that responded most positively to warming compared to those that did not. High and low
growth temperature responders were significant for the early successional, non-vegetated site or
the late successional, moss vegetated site. These “high” or “low” growth responders to warming
were either the top or bottom 30 taxa ranked from highest increase to decreased growth rate
under warming. Asterisks represent p value statistical significance of the pathway relative
abundance difference between high and low growth temperature responders within each site
derived from a two-way ANOVA and post-hoc pairwise comparisons with Tukey adjustment for

multiple comparisons. P value < 0.05 = *, <0.01 **, <0.001 ***,

Figure 6. Average growth rate difference of functional groups in the early, non-vegetated (black)
and late, moss vegetated (green) successional sites. Genomic metabolic predictions were
determined through PICRUSt2. Asterisks represent p value statistical significance between the
warmed and control treatments within each site for each metabolic group, determined from a
two-way ANOVA and post-hoc pairwise comparisons with Tukey adjustment for multiple
comparisons. P value < 0.05 = *, <0.01 **, <0.001 ***, All between site interactions of the

growth rate difference response to warming for each functional group were not significant.
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PermANOVA:
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Figure 3.
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SUPPLEMENTAL INFORMATION

Q
© 0.4
C -
2 Site_Treatment
©
> @ early_warmed
ks @ early_control
c @ |ate_warmed
je @ late_control
'g @ early_warmed_minus_control
g. 0.2 @ late_warmed_minus_control
a
0.01

phylum class order family genus species ASV
Phylogenetic rank

Supplemental Figure 1. Proportion of variance explained by nested phylogenetic ranks. Variance
component analysis to determine variance associated with phylogenetic rank in predicting
relative growth rate at each site and in the control and warmed treatments or the growth response

to warming between the warmed and control for each site.

Supplemental Table 1. Phylogenetic signals of growth for control and warmed, including table of

phylogenetic signals of the difference in growth with warming.

Site_Treatment | Blomberg’s = P value | Pagel’s | P value
K A

Early_Control 0.0000965 0.1001 @ 0.2111 @ 0.673956
Early_ Warmed | 0.0001185 0.009 0.6621 | <0.0001
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Late_Control
Late_Warmed

Early_Growth
Difference

Late_Growth
Difference

0.0001307

0.0000728

0.00019017

0.0000656

0.011 0.5477 | <0.0001

0.0731 | 0.5789 | <0.0001

0.119 0.7756 | 0.0838

0.43043 | 0.47396 | 0.0015

Supplemental Table 2. Soil properties including pH, total carbon, nitrogen, 5*C and §*°N of soil

and moss of the early and late successional sites along the Marr Ice Piedmont glacier

chronosequence.
Property Early Successional Site (bare | Late Successional Site (moss)
fell-field) (£SD) (xSD)
pH 5.01 £ 0.06 ND
%C 0.79 £ 0.07 43.81£0.61
%N 0.07 £ 0.006 0.69 £0.10
dC -25.22 +0.09 -25.07 £ 0.99
SN 15.59 + 0.45 34722
CIN ratio 10.67 £ 0.29 64.33 £ 8.44
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CHAPTER 7: DISSCUSSION OF RESULTS AND CONCLUSIONS

Soil microbes are abundant and morphologically, physiologically, and phylogenetically diverse
(Andrews et al. 2000; Torsvik and Ovreas, 2002; Aislabie et al. 2013; Delgado-Baquerizo et al.
2018). Bulk measurements of microbial activity often hide functional diversity, since individual
microbes grow, die, respire, and assimilate carbon and nitrogen at different rates (Hungate et al.
2015; Morrissey et al. 2018; Koch et al. 2018; Li et al. 2019; Stone et al. 2021). Studies that address
how microbes respond to long-term warming lack and often include either bulk community
responses to activity or structure (Romero-Oliveras et al. 2017; Che et al. 2018). These studies
inform how the community changes with warming, but lack quantification of individual microbial

taxa.

Microbial growth, death, and turnover in soils control carbon sequestration and release which are
sensitive to temperature (Rustad et al. 2000; Davidson and Janssens, 2006; Schimel and Schaeffer,
2012; Liang et al. 2017). Global warming is predicted to continue, significantly rising temperatures
globally (IPCC, 2018). Soil warming is thought to increase soil respiration, causing positive
feedback to climate change, albeit with spatial and temporal uncertainty (Crowther et al. 2016; van
Gestel et al. 2018). This large microbial diversity likely includes individuals that vary in their
response to environmental change including warming. Scaling microbial activity to nutrient
cycling and ecosystem function — and determining the impact of warming - requires measuring

rates of microbial taxon-specific activity, of which this dissertation has begun to do.
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This dissertation began by highlighting the informative power of the quantitative stable isotope
probing with H2*0 method to measure individual microbial growth rates (Chapter 2). This was
followed by a methodological experiment that quantified growth rates of soil microbes in their
field environments and a parallel incubation in the laboratory which showed that laboratory
measures of growth rate do not predict field measurements of growth rate (Chapter 3). Chapter 3
indicated a need to study microbes in the field due to the physical disturbances and laboratory
conditions imposed on the soil microbial community. This led to my next dissertation work
(Chapters 4-6), which included the first ever taxon-specific measurements of wild soil microbes
in their field environment, pushing the field of soil microbial ecology to study microbes in a field

relevant, quantitative way.

The main results | show in my dissertation are that in situ field growth rates of soil microbial taxa
vary across ecosystems and in their responses to both long-term and short-term warming, in
Northern Arizona, USA and on the Antarctic Peninsula. Both short-term warming in Antarctica
and long-term warming in Arizona caused most taxa to respond in a uniform direction (either
increasing or decreasing their growth response to warming), however the magnitude in response
varied. This indicates that hundreds or microbial taxa are growing at different rates and responding
differently to warming, however usually in the same direction. In Chapter 4, | showed that
individual microbes in Arizona soil warmed for 15 years via a transplant experiment resulted in a
uniform decrease in growth rate, likely attributed to a concurrent decline in soil carbon. This
indicated that a bulk measure of microbial growth may be satisfactory for modeling changes in the

microbial community in this ecosystem. Total bacterial and archaeal abundance also declined with
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warming, indicating that microbial biomass contributed less to carbon storage. If microbial growth

rate and biomass continue to decline, a greater loss of soil carbon may occur.

In Chapter 5, | showed that most microbial taxa increased their growth rate with 28-day soil
warming at two sites on the Antarctic Peninsula. Warming had a greater effect on growth rates at
a moss vegetated, late successional site compared with a recently deglaciated early successional
site indicating that future warming and moss expansion (Amesbury et al., 2017) may lead to greater
carbon loss. Taxa at the phylum level varied in their growth response to warming and phylum level
responses contrasted with previously published warming induced changes in relative abundance
(Yergeau et al. 2012). Community beta-diversity metrics did not show a change with warming,
indicating that growth rates are a more sensitive metric of microbial responses to short term
warming. Chapter 6 expanded on Chapter 5 to determine how microbial taxa might be increasing
their growth rates in response to short-term warming on the Antarctic Peninsula. Microbes growing
fastest in the early successional site contained more genes involved in amino acid and fatty acid
metabolism. Microbes that responded their growth rate most positively to warming in the moss
vegetated site contained more genes involved in amino acid and nucleic acid metabolism. This
indicated that these pathways are likely involved in the ability of fast growth and growth response
to warming. In particular, these pathways involve macromolecule metabolism which may confer
an advantage in these nutrient limited environments. Carbon is abundant in these moss
environments, yet nitrogen is limited. We detected growth increase of microbes responsible for
nitrogen cycling and showed that a major source of moss nitrogen is likely from bacterial nitrogen
fixation. Evidence of increased bacterial production associated with Antarctic moss under climate

warming has been observed (Amesbury et al. 2017), albeit nitrogen fixation rates have not yet been
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measured. In the Arctic, warming has changed the composition of nitrogen fixing bacteria
(Klarenburg et al. 2021) and decreased rates of nitrogen fixation of two Arctic mosses (Sorensen
et al. 2012), although moss host identity drives nitrogen fixation rates (Stuart et al. 2021). Our
results show that microbes responding to warming in Antarctica are likely cycling more nitrogen

to increase their growth rate which can rapidly impact the ecosystem.

This dissertation work advances the knowledge of how individual soil microbes respond to
warming, why they are responding, and which biogeochemical cycles they are likely to influence
the most. Long-term warming studies measuring activity of individual microbes have lacked as
well as studies understanding the warming response of microbial communities in terrestrial
Antarctic environments. Methodologically, microbes are impacted by how we study them in a
laboratory setting. Soil microbes control biogeochemical cycles and are impacted by warming
induced changes in their environment. This dissertation work shows how individual microbes
respond to warming and how they might impact ecosystem carbon and nitrogen cycling as

temperatures continue to rise.
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